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Abstract 

This research was aimed at studying the structural characteristics, chemical 

stability and plausible functional applications of droplet-stabilised oil-in-water 

emulsions (DSEs). DSEs consist of oil-in-water droplets (the core) stabilised by 

submicron protein-stabilised oil droplets (the shell).  

The first objective was to increase our understanding of their structural properties 

and processing factors that contribute to DSE formation using food grade 

ingredients. To achieve this objective, milk protein concentrate (MPC) was 

chosen as the emulsifier. Four MPCs with different levels of calcium were used. 

The surface lipid (20 %) consisted of either a low (olive oil), medium (palmolein 

oil) or high (trimyristin) melting surface lipid. The core lipid (20 %) consisted of 

either a triglyceride (soybean oil) or pure fatty acid (linoleic acid). Protein-

stabilised shell emulsions were processed either via the microfluidizer (170 MPa) 

or two-stage homogeniser (1st stage-20 MPa; 2nd stage-4 MPa). Results of the 

study showed that aggregated structure of protein emulsifier, shell droplet 

concentration, surface and core lipid types influenced the formation and structural 

properties of DSEs. 

The second objective focused on investigating the chemical stability of DSEs by 

evaluating their stability to oxidation and ability of its interfacial structure to protect 

polyunsaturated lipids incorporated within from oxidation. To achieve this 

objective, oxidative stability of high linoleic acid oil (safflower oil) stabilised by 

protein-coated low (olive oil), medium (palmolein oil) and high (trimyristin) melting 

lipid droplets was evaluated and compared with composition-matched 

conventional protein-stabilised safflower oil-in-water emulsion as well as a 
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The fourth and final objective was aimed at investigating mobility of a hydrophobic 

antioxidant incorporated at the interface of DSEs to establish their location after 

emulsification. The study focused on determining if a hydrophobic antioxidant 

incorporated in shell droplets remained localised within or migrated overtime to 

core droplets. The study also investigated the use of two techniques (saturated 

transfer difference (STD)-nuclear magnetic resonance and confocal Raman 

microscopy) to determine partitioning of antioxidants in DSE. To achieve this 

objective, confocal Raman spectroscopy technique was employed to probe 

antioxidant location without phase separation or destruction of DSE structure. 

Beta-carotene was chosen for the study for its excellent Raman scattering 

property. Beta-carotene was incorporated either in shell droplets (olive oil and 

trimyristin) or core droplets (safflower oil) of DSEs. Location and mobility of beta-

carotene was evaluated after three days production. Beta-carotene migration 

from low (olive) and high melting shell droplets to core safflower oil was minimal. 

The present study provides processing conditions and structural characteristics 

required to form food-grade DSEs. The study confirms and establishes the 

potential of DSEs to effectively protect oxidation-sensitive lipophilic bioactives 

incorporated within from degradation and confirms the viability of concurrent 

incorporation of two different bioactives in DSEs emulsions by locating one 

bioactive in shell droplets and the second within the core.   
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mobility. The objective was to determine if antioxidant incorporated in the surface 

lipid would migrate or diffuse into the core lipid thus exploring the possibility of 

using DSEs for concurrent encapsulation of bioactives. The study revealed that 

antioxidant mobility from shell to core was minimal and the antioxidant remained 

mostly localized at the interface. 

Chapter 8 summarizes the outcomes of this research and details the impact on 

applicable subject areas such as development of structured oil-in-water delivery 

systems, bioactive compound encapsulation and protection, oxidation of 

polyunsaturated rich oils, location-based antioxidant performance in oil-in-water 

emulsion systems, and functional food applications of emulsions. The chapter 

also highlights future research prospects based on this research. 
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Chapter 2:  Literature Review 

2.1  Classes of emulsions, preparation methods and emulsifiers  

Two distinct phases are observed in an emulsion; the dispersed and continuous 

phase. A food system made up of oil droplets dispersed in an aqueous phase is 

called an oil-in-water (O/W) emulsion while water droplets dispersed in oil phase 

is referred to as water-in-oil emulsion (W/O). Examples of O/W food emulsions 

are milk, cream, mayonnaise etc. while W/O food emulsions include margarine, 

butter and some spreads/sauces. 

 

Figure 2.1 Schematic diagram of simple (O/W & W/O). Adapted from Chung and 
McClements (2015) 

  

Generally, emulsions are classified according to the composition of their 

dispersed and continuous phases however, classification of emulsions have 

become more complex and are now also classified based on their dispersed 

phase size (Micro, nano, macro) or structured interfacial phase (Multi-layered, 

Pickering).   
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2.1.1  Emulsion preparation 

To create an emulsion, it is usually necessary to apply mechanical energy and 

decrease the interfacial tension. Generally, emulsions are created by a process 

called homogenisation whereby the immiscible liquids are mixed by high speed 

or agitation (McClements, 2005). Spontaneous emulsification is another method 

of creating an emulsion without application of mechanical energy (Bibette, Leal-

Calderon, & Schmitt, 2007; López-Montilla, Herrera-Morales, Pandey, & Shah, 

2002).   

2.1.2  Micro-emulsions and nano-emulsions 

Micro-emulsions and nano-emulsions are terms that are sometimes used in 

literature without clear distinctions however; growing research involving these 

systems makes it necessary to provide a clear distinction. It is generally accepted 

that micro-emulsions are thermodynamically stable and have very small droplet 

sizes (r<50nm) whereas nano-emulsions also have small droplet sizes (r<100nm) 

but are kinetically stable (J. Rao & McClements, 2011). Anton and Vandamme 

(2011) in providing clarification on the differences between these systems made 

reference to the methods by which they are created and their resulting structure 

and stability. McClements (2012) in an attempt to also distinguish between the 

two systems highlighted the differences in their preparation, but also noted that it 

is often difficult to distinguish between the two systems merely by their formation 

methods. Both writers proposed methods such as particle size distribution that 

can be used to distinguish between these two systems however; the proposed 

methods are only indicative and not conclusive. They also emphasized that 

creation of nano-emulsions usually requires application of high energy.  
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Nano-emulsions are usually prepared by high energy methods using high 

pressure homogenisers. Low energy and phase inversion temperature methods 

have also been explored in producing nano-emulsions. T. Tadros, Izquierdo, 

Esquena, and Solans (2004) compared the formation of nano-emulsions using 

high pressure homogenisers and phase inversion temperature (PIT) methods. 

The emulsions produced by the homogenisers were more stable to Ostwald 

ripening over those made by the PIT method even though it was not clear if the 

composition of the nano-emulsions made with homogenisers was identical to the 

PIT produced nano-emulsions. On the other hand, Solans, Izquierdo, Nolla, 

Azemar, and Garcia-Celma (2005) emphasized that efficient formation of nano-

emulsions can be achieved by low energy methods however it was evident that 

the size of droplets was largely dependent on the structure of the surfactant 

phase. The ultimate goal in selecting a method of preparing emulsions should be 

its stability and final application moreover, methods of overcoming high droplet 

polydispersity associated with oil-in-water nano-emulsions produced by low-

energy methods are proposed in literature (Gutiérrez et al., 2008). 

2.1.3  Double Emulsions 

Over the years, more complex emulsions have emerged which consists of 

multiple emulsions (Figure 2.2) referred to as water-in oil-in water (W/O/W) or oil-

in-water-in-oil (O/W/O). In this case, the dispersed phase is dispersed within a 

larger dispersed phase which is in turn dispersed in the continuous phase 

(Muschiolik, 2007). 
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Figure 2.2: Schematic diagram of double emulsions (W/O/W & O/W/W). Adapted from 
Martínez-Palou et al. (2011) 

The formation of double emulsions typically involves two stages however; other 

methods of preparation have been explored. Sachio Matsumoto carried out a 

series of studies on the preparation and stability of double emulsions specifically 

water-in-oil-in-water (W/O/W) emulsions and their potential applications in foods 

(Matsumoto, 1983, 1985, 1986; Matsumoto, Koh, & Michiura, 1985). In these 

studies three main methods of forming double emulsions were discussed; 

mechanical agitation, phase inversion and the two-stage emulsification process. 

The formation of W/O/W emulsions by these methods requires that attention is 

given to the ratio of hydrophobic and hydrophilic emulsifiers employed. It is 

imperative to optimize the concentration of emulsifiers, as the structure of the 

emulsions has a tendency to change entirely once the optimal ratio of hydrophilic 

to hydrophobic emulsifier is exceeded. Double emulsions formed by these 

methods are highly prone to instability, as the hydrophobic emulsifiers tend to 

migrate over time to the continuous aqueous phase leading to a breakage in the 

oil layer adsorbed on the surface of the aqueous phase. 

Matos, Gutiérrez, Coca, and Pazos (2014) produced double emulsions for 

encapsulation of trans-resveratrol by mechanical agitation and membrane 

emulsification. The results showed higher stability with emulsions produced by 
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mechanical agitation over those made by membrane emulsification, but higher 

release of bioactive was obtained with the latter over the former. These results 

were not surprising as double emulsions were formed by mechanical agitation 

where high energy was applied therefore, it is expected that stability with 

membrane emulsification where low energy was applied will differ.  

2.1.4  Pickering emulsions 

Pickering emulsions (Figure 2.3) are emulsions stabilised by solid particles that 

are smaller than the emulsion droplets (Berton-Carabin & Schroën, 2015; 

Chevalier & Bolzinger, 2013).  

 

Figure 2.3: Schematic diagram of Pickering emulsion. Adapted from Chevalier and 
Bolzinger (2013)  

Pickering (1907) was the first to introduce the concept of emulsions stabilised 

with solid particles. He emphasized that emulsions stabilised with organic 

substances/surfactants separate over time or as soon as the emulsifier is 

destroyed by addition of acid or certain salts and highlighted the benefit of high 

interfacial adsorption energy of solid particles which are difficult to displace once 

adsorbed at the interface. Chevalier and Bolzinger (2013) reviewed the possible 

methods of preparing Pickering emulsions, in most methods, nanoparticles are 
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dispersed in either the oil or aqueous phase depending on the type of emulsion 

desired. The type of nanoparticle employed depends on the type of emulsion for 

example hydrophilic particles are dispersed in aqueous phase for O/W emulsions 

and both hydrophilic and hydrophobic particles are used for double emulsions 

(W/O/W), in all cases emulsification was achieved by high shearing except for 

preparation of solid particle stabilised double emulsions in which final 

emulsification was done by low shearing. The review revealed that Pickering 

emulsions can easily be used in many applications to replace classical emulsions 

and provide improved stability. Aveyard, Binks, and Clint (2003) also used similar 

methods in their study on emulsions stabilised with colloidal particles and 

established that hydrophilic particles create oil-in-water emulsions while 

hydrophobic particles create water-in-oil emulsions. 

2.1.5  Multi-layered emulsions 

Multi-layered emulsions (Figure 2.4) were designed as a strategy to improve 

emulsion stability against droplet aggregation. Multi-layered emulsions are 

typically made up of several layers of emulsifiers and this is achieved by a layer-

by-layer (LBL) electrostatic deposition principle (Beicht, Zeeb, Gibis, Fischer, & 

Weiss, 2013; Gudipati, Sandra, McClements, & Decker, 2010; Jo, Chun, Kwon, 

Min, & Choi, 2015). 

Multi-layered emulsions are typically prepared by a two stage process; first a 

primary emulsion stabilised by an ionic emulsifier is made by homogenisation 

secondly, a polymer with an opposite charge is electrostatically deposited onto 

the charged primary lipid droplets and this can be repeated to achieve the desired 

number of layers (Aoki, Decker, & McClements, 2005; Guezey & McClements, 
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2006; Guzey & McClements, 2006; Thanasukarn, Pongsawatmanit, & 

McClements, 2006). 

 

Figure 2.4: Schematic diagram of multi-layered emulsion and preparation steps. 
Adapted from McClements and Li (2010) 

2.1.6  Emulsifier types 

Emulsifiers are surface-active molecules capable of stabilizing emulsions and 

protecting emulsion droplets from flocculation or coalescence (McClements, 

2005). Surfactants are surface-active agents made up of a non-polar 

(hydrophobic) portion attached to a polar (hydrophilic) portion (T. F. Tadros, 

2014). The oil-water interfaces in emulsions are stabilised with surfactants or 

emulsifiers which are both amphiphilic molecules used to modify the surface 

tension between two phases (Rosen & Kunjappu, 2012; T. Tadros, 2013).  

Norn (2014) classified emulsifiers based on their nature or charge, and their 

hydrophilic-lipophilic balance (HLB). The hydrophilic-lipophilic balance is a 

classification system introduced by Griffin (1949) which measures the extent to 

which a surfactant is hydrophilic or lipophilic. On the basis of charge, Norn (2014) 

classified emulsifiers as non-ionic, cationic, anionic and zwitterionic. The non-



Chapter 2: Literature Review 
 

15 
 

ionic emulsifiers are mostly used in foods and include monoglycerides, 

diglycerides, polysorbates and sorbitans etc. Anionic emulsifiers include 

lactylates and carboxylates however they are rarely used in foods. The most 

common zwitterionic emulsifier is lecithin.  

Table 2.1: Food Emulsifiers 

Food emulsifiers Common examples 

Surfactants Mono-diglycerides, polysorbate 60, 
sodium stearoyl-lactylate, lecithin, 
sorbitan monostearate 

Biopolymers Proteins: Milk proteins, meat proteins, 
egg proteins 

Polysaccharides: modified starch, 
gum Arabic, cellulose (HPMC) 

 

It is important to note that not only surfactants are used as emulsifiers. 

Biopolymers which also exhibit good surface activity are used as emulsifiers. The 

most widely used include proteins and polysaccharides that display amphiphilic 

properties. Mixtures of polymers are also used to stabilise emulsions (Akhtar & 

Dickinson, 2007; Dickinson & Galazka, 1991; Einhorn-Stoll, Ulbrich, Sever, & 

Kunzek, 2005).  
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2.2  Structure of food emulsions 

The structure of emulsions can be very complex as they are usually not just 

simple mixtures of lipids and water. Emulsions usually contain polysaccharides, 

sugars, flavouring agents, texture modifiers, proteins, and surfactant molecules 

etc., which contribute greatly to the complexity of their structure. These 

ingredients also interact in different ways with emulsion droplets giving rise to the 

structure of the product. For example, there is a marked difference in structure 

when cream dessert is produced with a polysaccharide and when it is produced 

without a polysaccharide. 

The physical and chemical stability of an emulsion greatly depends on the 

structure and composition of the interfacial phase, which also has a significant 

influence on how effective the emulsion will be in protecting or enhancing delivery 

of bioactives incorporated within. 

2.2.1  Physical stability  

Emulsion stability refers to the potential of an emulsion to resist various forces or 

interactions within the system which could lead to changes in its state, structure 

or composition over time. When an emulsion is unable to resist changes in its 

physiochemical properties, it is said to be unstable.  

Stability of emulsions is sometimes defined in relation to their thermodynamic or 

kinetic stability. An emulsion is said to be thermodynamically stable when the free 

energy of the droplets in aqueous phase is lower than the separate phases (oil, 

water and surfactants) and unstable when the free energy is higher than the 

separate phases. A kinetically stable emulsion has higher free energy than its 
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component phases, but an energy barrier inhibits droplet coalescence, thus 

preventing it from reverting to separate phases (McClements, 2012).   

Emulsions become unstable due to physical and chemical processes that occur 

within the system. The physical processes responsible for emulsion instability 

include creaming, sedimentation, flocculation, coalescence, phase inversion, and 

Ostwald ripening (Figure 2.5) while the chemical processes include oxidation and 

hydrolysis. It is possible that two or more of these processes will occur in an 

emulsion at the same time. 
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Figure 2.5 Emulsion instability schematics.  

Oil and water have different densities hence there is usually the effect of 

gravitational force which leads to phase separation either by creaming or 

sedimentation. 

1. Creaming:  This phenomenon occurs when there is a difference in 

density between the droplets and the liquid in which they are dispersed 
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5. Ostwald ripening: This is a phenomenon which has been described as 

occurring in solid and liquid solutions. It is described by Kabalnov (2001) 

as a process whereby smaller particles dissolve and larger particles 

grow at the expense of the smaller ones because solubility increases 

due to small radius of curvature. 

In emulsions, Taylor (1998) describes Ostwald ripening as the growth of 

a droplet at the expense of a smaller droplet arising from a difference in 

radius of curvature of the droplets which is inversely related to surface 

pressure of the dispersed phase. He states that as the smaller droplets 

dissolve the average radius of the droplets increases with time. 

6. Phase inversion:  This is when a system inversion occurs such that for 

example an oil-in-water emulsion changes to a water-in-oil emulsion or 

the opposite way. Phase inversion is usually caused by changes in the 

composition or environment of an emulsion. Phase inversion in food 

emulsions is reported to be induced by surfactants caused by a change 

in molecular geometry or induced by fat-crystallization caused by partial 

coalescence (McClements, 2005). This type of instability has a negative 

impact on the sensory properties of foods but is also very important in 

the production of foods like butter and margarine.  

The stability of an emulsion has important consequences on the digestion and 

functionality of the emulsion or its components. As the utilization of emulsions as 

delivery systems of bioactive compounds expands, the effect of stability on their 

ability to perform efficiently cannot be overemphasized. 
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Golding and Wooster (2010) pointed out that the stability of emulsions in the 

digestive tract plays a role in lipid digestion and gastric emptying rate. For 

example, emulsions that have undergone phase separation under gastric 

conditions have faster gastric emptying which will subsequently affect satiety 

signals (Marciani et al., 2007).  

The structure of emulsions can change very easily during storage, processing 

and digestion. These changes may result in any one of the unstable forms 

discussed above. According to Yao, Xiao, and McClements (2014), structure of 

micro-emulsions may be altered as they encounter bile salts or minerals while 

indigestible nano-emulsions are more likely to keep the core material intact as 

they pass through the gastric environment.  
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2.2.2  Chemical Instability 

Emulsions are susceptible to chemical reactions that could negatively impact 

their sensory and functional properties. These reactions include lipid oxidation 

and biopolymer hydrolysis. Lipid oxidation will be discussed extensively in the 

next sections.  

2.3  Lipid oxidation  

Lipid oxidation can be defined as the removal of one or more electrons from lipids 

either by the addition of oxygen or hydrogen abstraction. It is a complex process 

that involves the production of free radicals and hydroperoxides, alterations in the 

double bond arrangement of unsaturated lipids, and final breakdown of the lipid. 

The rate of lipid oxidation is influenced by catalysts or factors such as light, 

metals, enzymes and temperature. Therefore, lipids could undergo auto-

oxidation, thermal oxidation, enzymatic oxidation and photo-oxidation depending 

on the environmental conditions to which they are subjected. 

Mechanism of lipid oxidation in emulsions differs from that in bulk oil because in 

emulsions, the aqueous phase may contain pro-oxidants which are not usually 

present in bulk oils and these pro-oxidants may partition within the different 

phases in emulsions. Oxidation rates in emulsions are reported to be usually 

faster in emulsions than bulk oils because of the large surface area of interfaces 

created in emulsions which allows interaction of the aqueous and oil phases 

(Logan, Nienaber, & Pan, 2013).   
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2.3.1  Auto-oxidation 

Auto-oxidation as the name implies is a spontaneous reaction. It involves the 

reaction of atmospheric oxygen with lipids, and unsaturated lipids are very prone 

to these reactions. Autoxidation and thermal oxidation are chain reactions that 

involve three stages; initiation, propagation and termination.  

Kanner, German, Kinsella, and Hultin (1987) reported three possible pathways 

by which lipid oxidation can be initiated as shown below. 

 

Figure 2.7  Initiation of lipid oxidation pathways- a) Initiation by hydrogen abstraction; b) 
Initiation by free-radical attack on a double bond; C) Initiation by singlet oxygen. Adapted 
from Kanner et al. (1987). 

Initiation: Atmospheric oxygen is in the triplet ground state therefore to react with 

lipid molecules it requires excitation or activation. Three mechanisms by which 

oxygen can be activated have been identified;  

1. Formation of singlet oxygen (Excited state oxygen) 

2. Formation of partially reduced or activated oxygen species like hydrogen 

peroxide, superoxide anion, or hydroxyl radical. 

3. Formation of active oxygen-iron complexes like ferric-oxygen-ferryl 

complexes. 
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Lipids when subjected to high temperatures are highly susceptible to auto-

oxidation resulting in rapid formation and decomposition of hydroperoxides. Low 

temperature treatments does not mean there will be no oxidation, the formation 

of autoxidation products are just slower in this case (Choe & Min, 2006). 

2.3.2  Enzymatic oxidation 

Lipase enzymes present in lipids breakdown triglycerides into free fatty acids. 

Lipoxygenase which is an iron containing enzyme found in plants and animals is 

capable of catalysing (with polyunsaturated fatty acid as a suitable substrate) the 

reaction between free fatty acid and oxygen thus forming hydroperoxide (LOOH). 

2.3.3   Photo-oxidation 

Photo-oxidation occurs when there is a reaction between light-activated singlet 

oxygen and unsaturated fatty acids, leading to the formation of hydroperoxides. 

Singlet oxygen is a high-energy form of oxygen that is highly reactive with organic 

compounds. It is not a radical compound therefore reacts mostly with non-radical 

double-bonded compounds. Singlet oxygen is formed from triplet oxygen (ground 

state atmospheric oxygen) when photosensitizers present in foods absorb energy 

from light and transfer this energy to triplet oxygen. The photo-sensitization 

mechanisms are classified as type I and type II (Davidson, 1979; Min & Boff, 

2002b). 

Sensitization occurs when molecules usually called sensitizers (Sen) such as 

chlorophylls, riboflavin, myoglobin etc present in lipids, get sensitized by light 

(absorb light) and become excited (1Sen*). The excited sensitizer may also be 
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Figure 2.8: Oxidation pathway of linoleic acid. Adapted from Wheatley (2000)  
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emulsions with larger droplet sizes however, the authors also report that the 

faster oxidation rates in emulsions with smaller sizes may have been partially 

counteracted by antioxidant activity of adsorbed proteins which led to similar 

concentrations of conjugated dienes between emulsions with small and large 

droplet sizes at a certain point. 

The effect of droplet size on oxidative stability appears to be controversial 

however from these literatures, it is apparent that the composition of the 

emulsions and methods of preparation were different even though it is possible 

that the structures of these emulsions were similar, it shows that the oxidative 

stability of an emulsion is not only dependent on the droplet size but on other 

factors such as the composition of the interfacial layer, emulsifier type, oil phase 

type and transportation mechanisms of reactants. Moreover, Osborn and Akoh 

(2004) investigated the influence of droplet size of emulsions on oxidative stability 

and reported that droplet size had no effect on lipid oxidation. Also examined 

effect of droplet size on oxidative stability of soybean oil and fish oil-in-water 

emulsions and reported reverse effects of droplet size whereby oxidative stability 

of fish oil-in-water emulsions increased with decreasing droplet size while the 

reverse effect was observed in soybean oil-in-water emulsions.    

The interfacial phase plays an important role in the oxidative stability of emulsions 

in fact it is believed to be the gateway between pro-oxidants or hydrophobic 

phase and the lipid phase (C.  Berton, Ropers, Viau, & Genot, 2011; Silvestre, 

Chaiyasit, Brannan, McClements, & Decker, 2000). Hence it is no wonder that 

structuring the interfacial phase of emulsions have become a popular approach 

in designing emulsions.  
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3. Singlet oxygen quenchers: These antioxidants act by depleting singlet 

oxygen of its excess energy. Carotenoids such as ß-carotene, lycopene 

and lutein are effective singlet oxygen quenchers (Min & Boff, 2002a). One 

mole of ß-carotene is said to quench about 250-1000 molecules of singlet 

oxygen (Deshpande, Deshpande, & Salunkhe, 1996; D. R. Johnson & 

Decker, 2015). 

It is important to note that antioxidants are also susceptible to degradation by 

environmental factors (temperature, light, metal ions and enzymes) thus losing 

their functionality. Recent studies have recommended a blend of primary and 

secondary antioxidants which act in synergy such that the secondary antioxidants 

like chelators or oxygen scavengers complement the primary antioxidants for 

example by replenishing hydrogen (Rajalakshmi & Narasimhan, 1995). 

2.5.3  The Polar Paradox 

The polar paradox theory has been proposed and reconfirmed over the years. 

Porter, Black, and Drolet (1989) proposed that non-polar antioxidants or 

amphiphilic antioxidants with low HLB (hydrophilic-lipophilic balance) tend to be 

more effective in polar systems while polar antioxidants or amphiphilic 

antioxidants with high HLB are more effective in non-polar systems.  

  









Chapter 2: Literature Review 
 

42 
 

2.5.4  Antioxidant location 

Interfacial positioning of antioxidants in emulsions has proven to be very effective  

in improving oxidative stability. Table 2.3 shows a summary of studies that 

investigated the impact of antioxidant location at the interface of oil-in-water 

emulsions on oxidative stability. These studies reported improved oxidative 

stability when antioxidants were preferentially located at the interface however, 

only the study of L.-J. Wang et al. (2015) compared antioxidant (curcumin) 

performance when located at the interface against direct location in the oil 

droplets. They reported improved oxidative stability when curcumin was located 

at the interface of zein-chitosan particle-stabilised corn oil-in-water Pickering 

emulsions over when curcumin was directly incorporated in corn oil before 

emulsification. The other studies only compared oxidative stability of emulsions 

with interfacially positioned antioxidant over emulsion systems without 

antioxidant.  

  



Chapter 2: Literature Review 
 

43 
 

Table 2.3: Summary of research on impact of interfacial location of antioxidants 
on oxidative stability 

Interfacial 
Composition 

Control 
emulsion 

Emulsion 

sample 

Oxidative 
stability 

compared to 
control 

Reference 

Lactoglobulin-
green tea 

polyphenols 
nano-

complexes 

Lactoglobulin 
stabilised 
emulsion 

Liver fish oil 
(omega-3 

PUFA-38.4%) 
emulsion 

Lower 
hydroperoxides  

von Staszewski, 
Pizones Ruiz-

Henestrosa, and 
Pilosof (2014) 

Soybean 
protein isolate-
rutin complex 

Emulsions 
without rutin 

Soybean oil 
emulsion 

Lower 
hydroperoxides 

and hexanal 

Cui, Kong, 
Chen, Zhang, 

and Hua (2014) 

Soy protein 
isolate-

resveratrol 
complex 

SPI emulsions Corn oil 
emulsions 

Lower 
hydroperoxides 

and hexanal 

Wan, Wang, 
Wang, Yuan, 

and Yang 
(2014) 

Catechin-egg 
white protein 

complexes (CT-
EWP) 

Egg white 
protein and 

catechin- egg 
white protein 

mixture 
emulsions 

Beta-carotene 
(dispersed in 
sunflower oil) 

emulsions 

Slower beta-
carotene 

degradation 

 

Gu et al. (2017) 

Zein/Chitosan 
complex 
particles 

(ZCPs)-shell 
curcumin 

Zein-chitosan 
O/w Pickering 

emulsions 

Corn oil-in-water 
Pickering 
emulsion 

Lower 
hydroperoxides 

and 
malondialdehyde; 

no detectable 
hexanal 

(Lower oxidation 
values with shell 

curcumin than core 
curcumin) 

L.-J. Wang et al. 
(2015) 

Lactoferrin-
chlorogenic 

acid and EGCG 
conjugates 

Lactoferrin 
emulsions 

Beta-carotene 
(dispersed in 

MCT oil) 
emulsions 

Slower beta-
carotene 

degradation 

Liu, Wang, Sun, 
McClements, 

and Gao (2016) 

Ovalbumin-
catechin 

conjugates 

Ovalbumin 
emulsions 

Fish oil 
emulsions 

Lower 
hydroperoxides 

and TBARS 

Feng, Cai, 
Wang, Li, and 

Liu (2018) 
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To protect bioactive compounds from undergoing changes in their structure which 

may alter or limit their functionality, it is beneficial to embed them within protective 

layers or coatings or delivery systems that are stable to various processing 

conditions and capable of maximizing their potential functionality. The ability of 

emulsions to protect bioactives from oxidation is greatly dependent on the 

emulsion matrix and stability. The protective layer surrounding oil droplet surface 

should form a barrier to prevent oxygen permeation. If a hydrophobic bioactive is 

incorporated in an emulsion, the interfacial properties of that emulsion plays a 

major part in preventing the bioactives degradation because at the droplet surface 

is where metal ions and other pro-oxidants can interact and trigger oxidation. The 

type of ingredients employed in emulsifying a bioactive is also important; 

ingredients that are low in pro-oxidants should be chosen. 

In encapsulating bioactives it is necessary to understand its solubility as this will 

determine the type of emulsion system to be employed. Some bioactives are 

hydrophobic (carotenoids, fatty acids etc.) while others are hydrophilic (ascorbic 

acid, anthocyanins). For example, the most common emulsion system used for 

delivery of hydrophilic bioactives is the W/O/W and multi-layered emulsions. 

Typically, the bioactive is dispersed within the phase it is most soluble. Effective 

encapsulation of bioactives in emulsion systems also requires a good 

understanding of how emulsion properties (such as droplet size, interfacial 

structure, interfacial composition etc.) influence bioavailability and bio-

accessibility of bioactives embedded within. 
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greatly on the droplet size. Beta-carotene degradation increased as the mean 

particle diameter of nano-emulsion decreased which was attributed to increased 

surface area and possible generation of free radicals during high pressure 

homogenisation. 

 

2.6.2  Influence of emulsion composition and interfacial structure on 

encapsulated bioactives  

Beta-carotene degradation rate in emulsions is influenced greatly by the type of 

lipid used for the emulsion and initial stability of the emulsion as revealed by 

studies carried out by Cornacchia and Roos (2011). In this research, the physical 

state (solid vs liquid) of the lipid phase impacted stability of beta-carotene as 

emulsions made up of solid lipid (hydrogenated palm kernel oil) showed lower 

rates of beta-carotene degradation over those made with liquid lipid (sunflower 

oil), the observed effect was attributed to partial crystallinity of emulsified 

hydrogenated palm kernel oil (HPKO) which may have entrapped beta-carotene 

within liquid compartments surrounded by solid HPKO network barrier. It was also 

clear in this study, that the emulsifier played a role in enhancing the protection of 

beta-carotene whereby sodium caseinate showed better protection compared to 

whey protein isolate which was attributed to the ability of caseins to form thicker 

protein layers than those formed by whey protein isolate.  

Yang and McClements (2013) examined the influence of carrier oil type on bio-

accessibility of Vitamin E acetate incorporated in oil-in-water emulsions. The 

emulsions were prepared with lipid phases consisting of vitamin E acetate 

dispersed in long (LCT-corn oil) or medium (MCT) chain triglyceride oils. 
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Tokle et al. (2013) encapsulated ß-carotene within multi-layered protein coated 

emulsions consisting of either lactoferrin or ß-lactoglobulin and evaluated the 

influence of protein coatings on bio-accessibility of ß-carotene after digestion in 

the small intestine and surprisingly obtained very low bio-accessibility in all 

emulsions studies, the observed low bio-accessibility was attributed to possible 

binding of ß-carotene to lactoferrin and/or lactoferrin digestion products. This is 

not conclusive since the interactions were not further investigated. Pinheiro, 

Coimbra, and Vicente (2016) also reported surprisingly low bio-accessibility of 

curcumin encapsulated in nanoemulsions stabilised by lactoferrin which they also 

attributed to possible binding of curcumin to lactoferrin. 

Shah, Zhang, Li, and Li (2016) compared bio-accessibility of curcumin 

encapsulated in nanoemulsions containing an organic phase and Pickering 

emulsions stabilised by chitosan-tripolyphosphate nanoparticles by measuring 

curcumin concentrations in the micelle phase and overall digesta after in-vitro 

digestion. Results showed that curcumin bio-accessibility was lower in Pickering 

emulsions than nanoemulsions for both types of oil phases studied. The writers 

explained that the reason for lower bio-accessibility in Pickering emulsion was 

due to slow and incomplete lipid digestion in these emulsions which was 

attributed to inability of pancreatic lipase to access lipids within large chitosan 

aggregates formed during digestion at pH 7.  

Lu et al. (2016) evaluated the influence of emulsion structure on cellular uptake 

of beta-carotene encapsulated in oil-in-water emulsions stabilised by whey 

protein isolate (WPI, sodium caseinate (SCN) and tween 80 (TW80). Results 

showed that cellular uptake of beta-carotene was highest in WPI-stabilised 
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emulsions followed by SCN emulsions and then TW80 emulsions. The higher 

cellular uptake observed with protein-stabilised emulsions over TW80 emulsions 

was attributed to proteins higher hydrophilicity resulting in easier interactions with 

caco-2 cells than TW80 which has a weaker binding to hydrophilic surfaces. 

Some of the studies highlighted took into consideration the various food matrices 

that these emulsion systems could be incorporated thus giving good insights into 

the possible structural and stability changes that may be encountered. Despite 

the different methods employed in assessing the stability and bio-accessibility of 

bioactives in the studies mentioned above it is apparent that common challenges 

exist in these systems and it is important that an optimal balance is struck 

between the droplet size, emulsion stability, emulsions composition and 

interfacial structure to ensure efficient incorporation, stability, delivery and bio-

availability/bio-accessibility of bioactives. 

 

2.7  Pickering emulsions in food 

Solid particles commonly used for Pickering stabilisation in food systems are 

inorganic particles such as silicon dioxide but due to concerns raised about the 

safety of such materials in foods, biodegradable organic particles that are 

carbohydrate, lipid or protein based have been explored (Gao et al., 2014; Nadin, 

Rousseau, & Ghosh, 2014; Rayner, Sjöö, Timgren, & Dejmek, 2012). Despite the 

growing exploration of food applications of Pickering emulsions, challenges exist 

which seem to limit applications in food.   
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Berton-Carabin and Schroën (2015) in their review on challenges of food 

applications of Pickering emulsions raised questions about the general 

perception and acceptability of nanoparticles in foods, lack of extensive research 

on stability in relation to emulsification methods employed, difficulties in 

determining the suitability and emulsifying efficiency of nanoparticles, and 

preservation of the Pickering structural network overtime. These questions raised 

are valid and will need to be fully addressed to facilitate widespread applications 

of Pickering emulsions in foods. 

Tan et al. (2014); Yusoff and Murray (2011) investigated the use of hydrophobic 

starch particles and starch-based nano-spheres respectively to stabilise oil-in 

water emulsions. In the case of hydrophobic starch particles, the size of emulsion 

droplets was similar to the size of the starch particles (1-20µm), the starch 

particles aggregated and were milled to reduce their sizes however it is unlikely 

that big particles will stabilise droplet sizes smaller than the particles. As a result 

of the somewhat big droplet sizes obtained the droplets creamed rapidly. For the 

emulsions stabilised by starch-based nano-spheres, the oil droplets were highly 

unstable to flocculation on addition of salt and coalesced as salt concentration 

increased producing bigger droplets. 

The use of cocoa particles for Pickering stabilisation has been shown (Gould, 

Vieira, & Wolf, 2013). The cocoa particles were of different sizes and it was shown 

that the emulsion was stabilised by very small fine cocoa particles while the 

bigger cocoa particles did not seem to have any effect on emulsion stability but 

rather appeared to create a network that had impact on the rheological properties 

of the emulsion.  
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Water insoluble zein proteins were studied as novel particles for Pickering 

stabilisation. Stable emulsions were obtained at optimal pH and ionic conditions 

however, at very high ionic strength zein particles aggregated resulting in droplet 

flocculation and subsequent formation of a gel structure (de Folter, van Ruijven, 

& Velikov, 2012).   

It is interesting to note that most of the research carried out on Pickering 

stabilisation by solid particles in emulsions are mostly focused on the potential 

and/or benefits of improving physical stability of emulsions (as highlighted and 

evidenced above), very little attention has been given to their impact on the 

oxidative stability of these emulsions or bioactives incorporated within. 

Considering that lipids are one of the major ingredients in emulsions and are 

susceptible to degradation, investigating the oxidative stability of emulsions 

stabilised by particles or nano-droplets requires urgent attention. 

Also worthy of investigation is the fate of Pickering emulsions on incorporation of 

Pickering emulsions within food system. It is also necessary to investigate the 

stability of Pickering emulsions under various processing conditions such as 

shearing, low temperature etc. The focus has been on physical stability therefore 

information from Pickering literature about these scenarios is scarce. 
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2.8  Summary and Conclusions 

There are several techniques currently employed to improve protection, delivery 

and bioavailability of lipophilic bioactives however, several limitations such as 

porous structure, high cost of production, time consuming process and limited 

stability of these delivery systems exist. These limitations must be overcome to 

achieve the goal of efficient protection, delivery and enhanced bioavailability of 

lipophilic bioactives. Another challenge is the limitations in quantities of bioactives 

that can be incorporated within emulsion delivery systems. It is imperative that 

biologically meaningful quantities of bioactives are incorporated within delivery 

systems to meet the recommended daily intakes and deliver the intended 

functionality.  

Many studies involving particle-stabilised emulsions or structured emulsion 

interfaces tend to focus mostly on physical stability while some studies have 

focused on the impact of interfacial structure on chemical stability of bioactives 

incorporated within, only very few studies have focused on practical potential food 

applications of these delivery systems.   

The structure of droplet-stabilised emulsion may effectively protect any bioactive 

incorporated within and enable incorporation of meaningful amounts of bioactives 

thus the need to explore and establish these possibilities. Previous study on 

DSEs reported by Ye et al. (2013) mainly focused on mechanism of stabilization 

and formation of DSEs. To evaluate and examine ability of droplet-stabilised 

emulsions to effectively protect bioactives incorporated within, the following 

approaches which have not been previously studied will be taken:  
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Figure 3.1   Summary of experimental set-up  
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3.1.6  Reagents/Chemicals 

The following table summarises the reagents and chemicals used in this study, 

as well as the supplier details and grade. 

Table 3.2: Reagents and chemicals used, suppliers and grade 

Reagent/Chemical Supplier Grade 

Cumene 
hydroperoxide 

Sigma-Aldrich Technical 

Hexanal Sigma-Aldrich Standard 

Iso-octane Fischer Optima 

Methanol Merck ACS 

1-Butanol Merck ACS 

2-Propanol Merck ACS 

Sodium azide Sigma-Aldrich ReagentPlus 

Ferrous sulfate 
heptahydrate  

Labserv Analytical 

Ammonium 
Thiocyanate 

Labserv Analytical 

Barium chloride Labserv Analytical 

Hydrochloric acid 
(HCL) 

Sigma ACS 
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3.2  Equipment 

3.2.1  Waterbath 

A temperature-controlled waterbath (Jeiotech Korea, lab companion BS-11) was 

used in this study to heat solutions and emulsions. A stirring waterbath (Julabo 

GmBH) was used to stir and heat surface and core lipid phases used in the 

antioxidant study detailed in chapter 6 and 7. 

3.2.2  pH Meter 

The same pH meter (Eutech instruments, pH510) was used for all pH 

measurements. All pH measurements were carried out with the temperature 

probe. The pH meter was calibrated using the two-point calibration technique at 

pH 4 and pH 7 prior to each set of measurements.   

3.2.3  Centrifuge 

The Thermo Scientific Heraeus Fresco 17 micro-centrifuge (24-PI rotor) was used 

for separation of emulsions. The samples were centrifuged at 2000 g for 5 min at 

20-25 °C. The same centrifuge was used in all studies requiring centrifugation 

(chapters 5 & 6). 

3.2.4  Spectrophotometer 

The spectrophotometer used in all studies was a Thermo Scientific Genesys 10S 

UV-VIS spectrophotometer. The spectrophotometer was used to measure 

absorbance of sample extracts in all studies requiring absorbance measurements 

(chapter 5 & 6). The absorbance measurements were made in 4 mL plastic 

(polystyrene) cuvettes for readings at wavelength of 510 nm and 4 mL quartz 

cuvette for readings at 234 nm. 
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3.2.5  Gas Chromatograph 

The gas chromatograph (GC) was a Shimadzu GC 2010 chromatograph coupled 

with a headspace and solid phase micro-extraction (SPME) GC sample injection 

system (AOC-5000). The AOC-5000 provided a fully automated SPME sample 

preparation process. SPME fibre movements, precondition, absorption and 

desorption were fully controlled for optimum precision. The GC 2010 was 

equipped with a flame ionization detector (FID). The SPME fibre was a Supelco 

SPME fibre assembly 75µm carboxen/Polydimethylsiloxane (CAR/PDMS) with a 

23-gauge needle.  

3.2.6  Homogenisers, microfluidizer and mixers 

Three types of emulsification equipment were used in this study; microfluidizer, 

two-stage homogeniser, and high-speed mixer. The microfluidics M-110P 

microfluidizer was only used in the study detailed in chapter 4. A Rannie 2.5H 

two-stage homogeniser was used for the study in chapter 4 while a FBF Italia 

homolab2 two-stage homogeniser was used for the study in chapter 5, 6 and 7. 

The Labserv D-130 hand held homogeniser or mixer was used in all studies. 

The microfluidizer and two-stage homogeniser were used to process the protein-

stabilised emulsions (shell emulsions) while the high-speed mixer was used to 

process the final droplet-stabilised emulsion.   
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Figure 3.2  Microfluidizer (microfluidics M-110P) 

 

 

Figure 3.3  Two-stage homogeniser (Rannie 2.5H) 
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Figure 3.4  Two-stage homogeniser (FBF Italia) 

 

Figure 3.5  Hand held mixer (Labserv D-130) 
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3.3.2  Droplet-stabilised emulsions  

Droplet-stabilised emulsion was obtained in a second step by adding the shell 

emulsion obtained in the first step to appropriate quantities of core lipid and 

potassium phosphate buffer (10mM K2HPO4 and KH2PO4, pH 6.8-7.0), i.e. 10% 

w/w shell emulsion, 20% w/w core lipid and 70% w/w buffer. The mixture was 

heated, and final emulsification achieved with a high-speed mixer. 

3.3.3  Particle size characterisation 

The surface area mean (Sauter mean diameter, d3,2) and volume-weighted mean 

diameter (d4,3) of emulsions were measured using a static light scattering 

instrument (Mastersizer 2000, Malvern instruments, Worcestershire, UK), with a 

sample dispersion unit (Hydro 2000S). The emulsions were dispersed in reverse 

osmosis-filtered water to reach obscuration index of 8 to 10% and the ratio of 

refractive index of emulsion droplets (1.47) to the aqueous medium (1.33) was 

1.105. The measurements were taken in triplicate. The particle size of emulsions 

was characterised in each study within two days of preparing the emulsions or 

within 24 h of sample collection for the studies involving particle size 

characterisation during accelerated oxidation conditions (chapter 5 and 6).  

3.3.4  Confocal microscopy 

The structure and morphology of emulsions was studied using a confocal laser 

scanning microscope (DM6000B ST5, Leica Microsystems, Wetzlar, Germany). 

Emulsions were stained according to the method described by Gallier, Gragson, 

Jimenez-Flores, and Everett (2010). Lipid droplets were stained with Nile red 

(Sigma life science-72485-100 mg) solution prepared by dissolving Nile red in 

acetone (1 mg/mL), while proteins were stained with fast green (Sigma chemical-



Chapter 3: Materials and Methods 
 

68 
 

F-7252) solution prepared by dissolving fast green in milli-Q water (1 mg/mL). 

Staining involved mixing 500 µl of emulsion with 10 µL and 30 µL of Nile red and 

fast green solutions respectively, then 25 µL of the stained emulsion was 

deposited on concave microscope slides and fixed with 50 µL of agarose (Sigma 

A9539-10G) solution (0.5%w/w dissolved in milli-Q water at 80°C). Slides were 

covered with coverslips and observed under the microscope with the 63X oil 

immersion objective lens (HCX PL APO lambda blue 63.0 x 1.40 oil UV, Leica 

Microsystems, Wetzlar, Germany). 

Nile red was excited at 488 nm with the argon laser and the emitted fluorescence 

collected between 494-605 nm. Fast green was excited at 633 nm with the 

helium-neon laser and emission collected between 638-750 nm. The samples 

were scanned either between lines or sequentially between frames, and images 

were captured with LAS AF software (version 2.7.3.9723) at room temperature. 

Images were analysed using ImageJ software (Image J, National Institute of 

Health, Bethesda, MD, USA).  

Microscopic structure of emulsions was examined within 2-3 days of preparation 

and within 2 days of sample collection for studies involving microscopic structure 

characterisation during accelerated oxidation conditions (chapter 5). 

3.3.5  Differential Interference Contrast (DIC) Microscopy 

The structure and morphology of emulsions processed with high melting surface 

lipid (trimyristin) was examined with a differential interference contrast 

microscope (Zeiss Axiophot, West Germany) equipped with a Leica 

Microsystems DFC320 camera. 
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3.3.6  Accelerated Lipid Oxidation 

Accelerated lipid oxidation was achieved by exposure to fluorescent lamps in the 

presence of ferrous ion for 9 days (chapter 5) and 11 days (chapter 6). The setup 

involved two fluorescent lamps ( 

Figure 3.6) with light intensity of 8500-9000 lux. Oxidation of emulsions was 

accelerated at 20°C in 12-well cell plates sealed with parafilm and 20 mL 

headspace glass vials (95% or 90% headspace) for gas chromatography 

(Phenomenex) with rubber/Teflon septum air tight seal and magnetic crimp cap. 

The distance from lamp to top of plates and vials was approximately 23 cm and 

22 cm respectively, and plates/vials were placed in a line directly below lamps ( 

Figure 3.6B) to produce similar levels of illumination for all samples. Sodium azide 

(0.02% w/v) was added to the emulsions to prevent microbial growth. 

 

 
 

Figure 3.6: Accelerated lipid oxidation set-up with two fluorescent lamps- A) Fluorescent 
lamps; B) Emulsion samples in plates and vials exposed to fluorescent lamps  

A 

B 
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3.3.7  Preparation of Ferrous ion 

Ferrous ion was prepared by dissolving iron (II) sulphate heptahydrate 

(FeSO4.7H2O) in 0.5 M hydrochloric acid (HCl). Ferrous ion was added to 

emulsions at concentrations of 100 µM (chapter 5) and 500 µM (chapter 6). 

3.3.8  Lipid Oxidation Measurements 

Primary (conjugated diene and lipid hydroperoxides) and secondary (hexanal) 

products of linoleic acid oxidation were measured using spectrophotometric and 

gas chromatographic techniques respectively. Emulsion samples were collected 

on days 1, 3, 5, 7 and 9 for the study detailed in chapter 5 and days 3, 5, 7, 9 and 

11 for the study detailed in chapter 6. The samples were stored at -20°C. Samples 

were analysed within 1-4 weeks of freezing. 

3.3.9  Sample extraction 

Extraction of lipids from emulsions was carried out according to the method 

described by Hu, McClements, and Decker (2003). Firstly, 0.3 mL of thawed 

emulsion was mixed with 1.5 mL of isooctane/2-propanol (3:1 v/v) solution. The 

mixture was vortexed at high speed three times for 10 s each and then 

centrifuged (Heraeus Fresco 17, Thermo Scientific) at 2000 g for 5 min. The 

supernatant was collected and used for conjugated dienes and lipid 

hydroperoxide measurements. 

3.3.10  Determination of Conjugated Dienes  

Conjugated dienes (CD) are two double bonds separated by a single bond. It is 

an unusual structure in PUFAs therefore the presence of CD in PUFAs is a good 

indication of fatty acid oxidation. Conjugated dienes can be easily detected by 



Chapter 3: Materials and Methods 
 

71 
 

spectrophotometry, and they absorb in the UV region around 234nm when 

present in fatty acids (Corongiu & Banni, 1994).  

Conjugated dienes are an initial product of linoleic acid oxidation to hexanal. This 

method is fast and is not dependent on the development of any colour or chemical 

reaction (Wanasundara, Shahidi, & Jablonski, 1995) however, the results are 

usually more reliable at the early stages of oxidation, when there is limited 

interference arising from UV absorption of other moieties present in the matrix.  

Wanasundara et al. (1995) reported excellent correlation between conjugated 

dienes and peroxide values (PV) of oxidised canola and soybean oils. Fereidoon 

Shahidi, Wanasundara, and Brunet (1994) also reported excellent correlation 

between CD and PV for oxidised seal blubber and cod liver oils. Conjugated 

dienes usually accumulate at the early stage of oxidation and then CD levels 

plateau as they get involved in other oxidation reactions that lead to their 

decomposition (White, 1995). In polyunsaturated fatty acids, Jackson (1981) 

reported that the formation of hydroperoxides usually coincides with formation of 

conjugated dienes during oxidation.  

In this study, conjugated dienes were determined by the methods described by 

Wrolstad et al. (2005), and Estévez, Kylli, Puolanne, Kivikari, and Heinonen 

(2008) with slight modifications. An aliquot of emulsion was mixed with extraction 

solvent and centrifuged as previously described in section 3.3.10, then 0.2 mL of 

the supernatant was diluted to 5 ml with isooctane. The solution was thoroughly 

mixed, and absorbance measured at 234 nm in a quartz cuvette of 1 cm path 

length using a spectrophotometer (Genesys 10S, Thermo Scientific). Iso-octane 
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cumene hydroperoxide standard curve (concentration range 0-20 µM) using a 

spectrophotometer (Genesys 10S, Thermo scientific) and peroxide values were 

expressed as µmol cumene hydroperoxide equivalent per litre of emulsion.  

All the oxidation measurements were carried out under subdued light (sample 

preparation 5-6 lux; absorbance readings 6-9 lux). 

3.3.12  Determination of Volatile Secondary Oxidation Product (Hexanal) 

Analysis of hexanal, a major secondary breakdown product of linoleic acid, was 

done by solid phase micro-extraction (SPME) coupled with gas chromatography-

flame ionization detection (GC-FID). Emulsion samples were placed in 20 mL 

vials (Phenomenex), sealed with septum crimp tops (20LLX, Phenomenex) and 

volatiles were extracted by the SPME method.  

The SPME auto fiber assembly (AOC-5000 auto-injector, Shimadzu) consisted 

of a fused silica fiber coated with Carboxen®/polydimethylsiloxane (75 µm 

thickness). The samples were heated for 30 min in a block maintained at 50 °C 

and agitated at 500 rpm to enable headspace equilibration. The SPME fiber 

needle then penetrated the vials and the fiber was exposed to the headspace for 

5 min. After extraction of volatiles, the fiber was withdrawn, and the adsorbed 

volatiles injected into a gas chromatograph (GC-2010, Shimadzu) port. The 

injection port was maintained at 230 °C and enabled thermal desorption of 

extracted volatiles for 2 min. The GC was equipped with a flame ionisation 

detector (FID). The detector temperature was 250 °C. Volatiles were separated 

with an Rtx-1701 column (30 m, 0.25 mm inner diameter, 1 µm film thickness). 

The column oven temperature was 40 °C (1 min hold) initially and then increased 

to 100 °C at 5 °C/min and to end temperature of 230 °C at 10 °C/min. The direct 
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Chapter 4:  Formation and properties of 

droplet-stabilised food grade oil-in-water 

emulsions 

4.1  Abstract 

Droplet-stabilised emulsions (DSEs) consist of large lipid droplets (the core) 

stabilised by smaller protein-stabilised lipid droplets (the shell). This study 

explored the production of DSEs with food-grade ingredients and examined the 

effect of varying the type of milk protein concentrate (MPC), surface lipid, core 

lipid, homogenisation conditions and shell emulsion concentration on formation 

of DSEs. 

Shell emulsions were prepared by homogenising MPC solutions and surface lipid 

using either a microfluidizer (1700 bar) or two-stage homogeniser (1st stage-200 

or 400 bar; 2nd stage-40 or 50 bar). Shell emulsions were then homogenised with 

core lipid using a high-speed mixer to obtain droplet-stabilised emulsions. 

Protective droplet layers along the interface of food grade oil droplet was formed 

only with shell droplets made with MPCs that were not calcium-depleted, and 

when shell emulsions were processed with a two-stage homogeniser. Excessive 

shell droplet aggregation prevented total interfacial coverage when the shell 

emulsions were processed through the microfluidizer. Sufficient and even 

interfacial coverage was obtained with lower concentrations of shell emulsion 

(2% & 10%).  
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There were observed differences in shell droplet interfacial coverage at the 

interfaces of soybean oil and linoleic acid as core lipid. Shell droplet stabilisation 

was also possible with surface lipids with varied melting points, and crystalline 

structures were observed in emulsions processed with high melting surface lipid. 

The results suggest that the aggregated structure of casein micelles which is held 

together by calcium phosphate bridges plays a major role in successful formation 

of droplet-stabilised emulsions with MPC. The study has provided very critical 

information to ensure consistent successful production of droplet-stabilised 

emulsions using food grade oils and MPC stabilised shell emulsions. 

Keywords 

Droplet-stabilised emulsion; Surface lipid; Shell emulsion; Core lipid; Milk protein 

concentrate 
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GRAPHICAL SUMMARY 

Processing conditions DSEs interfacial coverage 

 Shell emulsion made with high 
protein MPC (MPC-85), & 

contains high calcium level, & 
processed in microfluidizer 

 

Shell emulsion processed with 
high (MPC-85) and low (MPC-
70) protein MPCs, & contains 

higher calcium level, & 
processed in a two-stage 

homogeniser 

 

Core soybean oil droplets 
stabilised with 10% or 16% w/w 

shell emulsions made with 
MPC-85 
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Shell emulsion processed with 
calcium-depleted MPC either in 

microfluidizer or two-stage 
homogeniser 
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In this study, formation of droplet-stabilised emulsion using food grade oils was 

explored and the effect of formulation and processing conditions on its formation 

and structural properties was examined. The potential to produce droplet-

stabilised emulsions with different types of milk protein concentrates, surface 

lipids, core lipids and homogenisation conditions was explored with a view of 

providing useful critical information to ensure consistent successful production of 

droplet-stabilised emulsions with food grade oils and different types of milk 

protein concentrates.  

4.3  Materials and Methods 

All materials, equipment and emulsion structure characterisation methods used 

in this chapter are detailed in Chapter 3. Experimental set-up of this study is 

summarised in Figure 3.1. MPCs 1 (4851), 2 (485), 3 (470), and 4 (4861) were 

used in this study and except where specified, the surface and core lipids 

consisted of palmolein and soybean oil respectively. Protein and calcium 

contents of MPCs used in this study as provided by supplier are shown in Table 

4.1. Calcium levels in MPC 4 were lower while calcium levels in MPC 1, 2 and 3 

were similar. Protein content of MPC 3 was lower than MPC 1, 2 and 4. These 

MPCs can be divided into three categories viz: high protein MPC, low protein 

MPC, and calcium-depleted MPC. 
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Table 4.1 Protein and calcium contents of MPCs 

High protein MPC (MPC-85) 

MPC Protein (g/100g) Calcium (mg/100g) 

1 82.9 2160 

2 81.3 2230 

Low protein MPC (MPC-70) 

MPC Protein (g/100g) Calcium (mg/100g) 

3 69.9 2180 

Calcium-depleted MPC 

MPC Protein (g/100g) Calcium (mg/100g) 

4 81.8 1260 

 

4.3.1  Droplet stabilised emulsions (DSEs) 

Droplet-stabilised emulsions in this study were prepared by a two-step process 

as shown in Figure 4.1. Firstly, MPC solutions were prepared by magnetic stirring 

of 5 g milk protein concentrate (MPC) into 95 g milli-Q water at room temperature 

for 1 h, after which MPC solution was heated to 55 °C and appropriate quantities 

of surface lipid added i.e. 80% w/w MPC solution and 20% w/w surface lipid. The 

mixtures were held at 55°C for 3-5 min and coarse emulsions were formed using 

a high-speed mixer (Labserv, D-130) at 6000 rpm for 3 min. The coarse 

emulsions were passed through either a microfluidizer (M-110P, Microfluidics) at 

25000 psi (1700 bar) or a two-stage homogeniser (12.5H, Rannie, Denmark) at 

a first stage pressure of 200 bar and second stage pressure of 40 bar to produce 
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Figure 4.1 Flow chart of droplet-stabilised oil-in-water emulsion production  

MPC + Milli-Q water 
(Stir -1 h) 

MPC solution (80 % w/w) + surface lipid (20 % w/w) 
(Heat 55°C) 

 

Coarse homogenisation 
(6000 rpm; 3 min) 

Microfluidizer 
(1700 bar) 

2-stage homogeniser 
(1st stage-200 bar; 
2nd stage- 40 bar) 

Shell emulsions 

Shell emulsion (10 % w/w) + 
core lipid (20 % w/w) + PBS 

(70 % w/w -pH 7) 

Final homogenisation 
(6000 rpm; 5 min) 

Droplet-stabilised emulsions 
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4.4  Results and Discussion 

4.4.1  Formation of droplet-stabilised soybean oil-in-water emulsions with 

high protein MPC 

The ability of MPC-85 to form droplet-stabilised emulsions (DSEs) with food-

grade lipids was investigated. MPC stabilised palmolein oil shell droplets were 

prepared through the two-stage homogeniser and then used to stabilise soybean 

oil-in-water droplets. Particle size distributions of shell and droplet-stabilised 

soybean oil emulsions made with MPC 1 and 2 are shown in Figure 4.2. Confocal 

microscopy images of DSEs made with MPC 1 and 2 shell emulsions processed 

via the two-stage homogeniser are shown in Figure 4.3. 

The average droplet diameter (d3,2) and volume weighted mean diameter (d4,3) of 

shell emulsions and droplet-stabilised emulsions made with MPC 1 and 2 were 

similar. Confocal micrographs of droplet-stabilised emulsions made with MPC 1 

and 2 showed that shell droplets adsorbed on to the surface of soybean oil 

droplets and totally covered the surface area forming droplet layers (Figure 4.3 B 

& D). The shell droplets assembled together forming a layer along the interface 

of soybean oil droplets. Shell droplets at the interface did not just form a single 

droplet layer but connected with other shell droplets by protein interactions 

forming several droplet layers; these multi-droplet layers formed a thick interfacial 

coating at the surface of soybean oil droplets (Figure 4.3 B & D). Some soybean 

oil droplets were fully covered while some were not (Figure 4.3 A & C). This could 

be due to formation of multiple droplet layers on the fully covered interface. These 

interfacial structures observed are similar to those reported by Ye et al. (2013) 

for hexadecane droplets stabilised by casein-coated nano-droplets.  
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 d3,2 d4,3 

MPC 1 1.43 2.48 
MPC 2 1.40 2.71 

 

  
 d3,2 d4,3 

MPC 1 10.17 21.60 
MPC 2 10.20 21.64 

 

Figure 4.2  Particle size distribution of shell emulsions (A) and droplet-stabilised soybean 
oil-in-water emulsions (B) made with MPC 1 and 2  
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Figure 4.3  Confocal microscopy images of droplet-stabilised emulsions made with MPC 
1 and 2 shell emulsions processed via the two-stage homogeniser (B & D = zoom). 
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4.4.2  Effect of shell emulsion concentration on formation of droplet-

stabilised emulsions (high protein MPC)  

Effect of shell emulsion concentration on DSE was investigated with MPC 1. Shell 

emulsion processed via the two-stage homogeniser was used to determine the 

effect of shell emulsion concentration (2 %, 10 % and 16 %) on formation of 

droplet-stabilised emulsion. Average droplet diameter (d3,2) and volume weighted 

mean diameter (d4,3) of shell emulsions made with MPC 1 and processed through 

the two-stage homogeniser were 1.43 µm and 2.48 µm respectively (similar 

results obtained with MPC 2). 

Particle size distributions and confocal microscopic images of DSEs made with 

2%, 10% and 16% shell emulsions made with MPC 1 are shown in Figure 4.4. 

Average droplet diameter (d3,2) of final DSEs decreased from 24.33 µm to 7.17 

µm as quantity of shell emulsion increased from 2 to 16% in the final emulsion. 

The particle size distribution became bimodal with a small peak in the size range 

of 0.4-1.5 µm which fell within size range of shell droplets became evident at 

higher shell emulsion concentrations. Volume percentage of droplets within the 

small peak size range of 0.4-1.5 µm also increased as shell emulsion 

concentration increased from 10% to 16%. These results are similar to those 

obtained by Ye et al. (2013) for hexadecane oil droplets stabilised with casein-

coated nano-droplets, whereby the small peak in the size range of 0.05-0.8 µm 

observed in DSEs emulsions containing high concentrations of nanoemulsions 

(6%, 8%, 12% & 16%) was attributed to the presence of unadsorbed shell 

droplets.  



Chapter 4: Formation and properties of DSEs 
 

90 
 

DSEs made up of 2% shell emulsion was not fully coated with shell droplets 

(Figure 4.4 A, D & G) and this explains why the droplet size distribution curve for 

this emulsion did not have the shell droplet peak observed with DSEs emulsions 

containing higher shell emulsion concentrations. It appears all the shell droplets, 

though insufficient to fully cover the interface of core droplets, adsorbed to the 

surface of the core droplets. Again, these results confirm the observations of Ye 

et al. (2013). 

On the other hand, confocal images showed that most of the surface of DSEs 

made up of 10% and 16% shell emulsion were totally covered but more even 

coating of core droplets was apparent with 10% shell emulsion (Figure 4.4 B, E 

& H). The expectation was that since shell droplet concentration was higher with 

DSEs containing 16% shell droplets, there would be even coating of core droplets 

whereby interface of most core droplets would be totally covered. However, it 

appeared that though most of the core droplets were coated by shell droplets, 

some core droplets were stabilised by multiple droplet layers forming a very thick 

layer of flocculated shell droplets (Figure 4.4 C, F & I). This provides a plausible 

explanation for why the interface of some core droplets was not evenly covered 

with shell droplets (Figure 4.4C). 

In DSEs containing high shell droplet concentration, unadsorbed shell droplets 

interacted with adsorbed shell droplets to form a thick multi-droplet layer (Figure 

4.4 E, F, H & I). In the work of Ye et al. (2013), transmission electron microscopy 

(TEM) images of droplets at the interface of hexadecane droplets containing 16 

% casein micelle coated nano-droplets showed that the shape of nano-droplets 

adsorbed at the interface changed from a sphere to ellipse and rectangle. The 
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observed droplet deformation was conspicuous along the interface of the large 

droplets and became less pronounced toward the aqueous phase as the nano-

droplet shape returned to a sphere. The TEM images also showed that nano-

droplets connected together and formed multi-droplet layers as observed in this 

study with soybean oil droplets stabilised with MPC shell droplets.  

  
d3,2 d4,3 

2% shell 24.33 29.30 
10% shell 10.17 21.60 
16% shell 7.17 23.64 
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Figure 4.4: Particle size distribution and confocal microscopy images of droplet-

stabilised emulsions processed with MPC 1 and varying concentrations of shell emulsion 

2% shell 10% shell 16% shell 

A 
B C 

D E F 

G I H 



Chapter 4: Formation and properties of DSEs 
 

93 
 

4.4.3  Effect of low protein MPC on formation of droplet-stabilised 

emulsions   

The emulsifying behaviour of lower protein MPC was investigated with MPC-70 

(i.e MPC 3) at shell droplet concentration of 10%. Protein content of MPC 3 was 

lower than MPC 1, 2 and 4.  

Particle size distribution and confocal microscopy images of DSEs made with 

MPC 3 shell emulsions processed with the two-stage homogeniser are shown in 

Figure 4.5. The average droplet diameter (d3,2) and volume weighted mean 

diameter (d4,3) of shell emulsions made with MPC 3 were 1.63 µm and 2.50 µm 

respectively, while that of shell emulsions made with higher protein MPC (MPC 

1) was 1.79 µm and 2.69 µm respectively. Average droplet diameter (d3,2) and 

volume weighted mean diameter (d4,3) of DSEs made with MPC 3 was similar to 

those made with MPC 1 at the same shell emulsion concentration of 10% (Figure 

4.5B).   

Confocal micrographs of DSEs made with MPC 3 showed that shell droplets 

adsorbed to the interface of soybean oil and formed a droplet layer along the 

interface just as observed with DSEs made with MPC 1 (Figure 4.5 E & F). 

Emulsifying behaviour of shell droplets made with MPC 3 at the interface of 

soybean oil droplets was similar to that of shell emulsions made with MPC 1 and 

2.  

Calcium content of MPC 3 was similar to that of MPC 1 and 2 but protein content 

was lower. Emulsifying capacity of aggregated milk proteins like MPC is reported 

to be much lower than that of non-aggregated proteins implying that much higher 
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Figure 4.5: Particle size distribution (A & B) and confocal microscopy images (C, D, E & 
F) of droplet-stabilised emulsions processed with MPC 1 and 3. 
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4.4.4  Effect of calcium-depleted MPC on the formation of droplet-stabilised 

emulsions 

Particle size distribution of shell and droplet-stabilised emulsions made with MPC 

4 are shown in Figure 4.6. Average droplet diameter (d3,2) of shell emulsion made 

with MPC 4 was smaller (<1 µm) than that of MPC 1 and 2 processed using the 

two-stage homogeniser (Figure 4.2A) under the same pressure conditions.  

Average droplet diameter (d3,2) of droplet-stabilised emulsions made with MPC 4 

shell emulsion processed via the two-stage homogeniser was larger (>10µm) 

than that of MPC 1 and 2 shell emulsions (Figure 4.2B). 

Confocal microscopic images of DSEs produced with MPC 4 shell emulsions 

processed via the two stage homogeniser are shown in Figure 4.7. Interfacial 

layers formed at the surface of DSEs made with MPC 4 differed from that 

observed with DSEs made with MPC 1, 2 and 3. Confocal micrographs of DSEs 

made with MPC 4 showed that the interface was stabilised by a single protein 

layer formed along the interface, adsorption of shell droplets was not evident at 

the interface of core droplets (Figure 4.7B). In DSEs made with MPC 1 and 2, 

when the shell droplets were processed via the two-stage homogeniser, shell 

droplets adsorbed to the interface of soybean oil and formed single or multiple 

droplet layers along the interface (Figure 4.3) but droplet layers were not 

observed with DSEs made with MPC 4.     

MPC contains both caseins and whey proteins in ratios similar to milk and the 

caseins are in the micellar form. Aggregated structure of casein micelles is held 

together by calcium-phosphate bridges and a reduction in calcium content implies 
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dissociation of casein micelles to some extent (Ye, 2011). Calcium content of 

MPC 4 was lower than that of MPC 1, 2 and 3 which implies calcium depletion in 

MPC 4 and some dissociation of casein micelles. While calcium contents of MPC 

1, 2 and 3 were in the range 2160-2280 mg /100g that of MPC 4 was 1260 

mg/100g. 

Shell droplets made with MPC 1, 2 and 3 processed through the two-stage 

homogeniser sufficiently stabilised soybean oil droplets while shell droplets made 

with MPC 4 processed under the same conditions did not form a droplet layer 

but, formed a single protein layer. It is possible that there was some competitive 

adsorption between free proteins and shell droplets for the surface of soybean oil 

droplets, whereby free proteins adsorbed on to the surface instead of protein-

coated shell droplets.  

The observed differences in the shell droplet emulsification behavior between 

MPC 4 and MPC 1, 2 and 3 indicate that calcium depletion in MPC 4 disrupted 

aggregated structure of micellar casein arising from reduced calcium levels, 

casein molecules became more flexible, adsorbed and spread at the interface of 

soybean oil droplets as single layers. These results are in agreement with Ye 

(2011) who reported that dissociation of casein micelles in MPCs because of 

reduction in calcium content improved their emulsifying ability over MPCs with 

higher calcium contents. Moreover, improved emulsifying properties with 

individual casein molecules over aggregated caseins have also been reported 

(Euston & Hirst, 1999; Mulvihill & Murphy, 1991) so this is not surprising.  
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These results substantiate the hypothesis that native micellar structure of caseins 

in MPC influences the ability of MPC shell droplets to sufficiently stabilise the 

interfaces of larger oil droplets by forming droplet layers along the interface. 

  
d3,2 d4,3 

Homogeniser 0.62 1.02 
 

  
d3,2 d4,3 

Homogeniser 12.28 25.50 
 

Figure 4.6: Particle size distribution of shell (A) and droplet-stabilised (B) emulsions 

made with MPC 4 shell emulsion processed via the two-stage homogeniser 
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MPC 4 

  

 

Figure 4.7: Confocal microscopy images of droplet-stabilised emulsions made with MPC 

4 shell emulsions processed via the two-stage homogeniser  
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4.4.5  Effect of microfluidization on formation of droplet-stabilised 

emulsions with high protein and calcium-depleted MPC 

The ability of shell emulsions processed via the microfluidizer with MPC 1 and 4 

to form droplet-stabilised emulsions (DSEs) was investigated.  

Particle size distributions of shell and droplet-stabilised soybean oil emulsions 

made with MPC 1 and 4 are shown in Figure 4.8.There was no rise in temperature 

during processing via the microfluidizer. Confocal microscopy images of DSEs 

made with MPC 1, 2 and 4 shell emulsions processed via the microfluidizer are 

shown in Figure 4.9.  

The average droplet diameter (d3,2) and volume weighted mean diameter (d4,3) of 

shell emulsions made via the microfluidizer with MPC 4 were smaller (<1 µm) 

than shell emulsions processed with MPC 1 (Figure 4.8A). Average droplet 

diameter (d3,2) of shell emulsions processed with MPC 4 via the microfluidizer 

was similar to results obtained by Ye et al. (2013) for micellar casein stabilised 

nanoemulsions (0.15 µm) processed via the microfluidizer at similar protein 

concentrations. 

Shell emulsions prepared with MPC 1 and 4 and processed through the 

microfluidizer were used to stabilise soybean oil. Average droplet diameter (d3,2) 

of droplet-stabilised emulsions made with MPC 4 shell emulsion processed via 

the microfluidizer was smaller (<10µm) than that of MPC 1 shell emulsions 

(Figure 4.8B). 

Confocal micrographs showed that the surface of soybean oil droplets stabilised 

with shell emulsions made with MPC 1 and 2 processed through the microfluidizer 
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was not totally covered with shell droplets; a few shell droplets adsorbed to the 

interface but adsorption of most shell droplets at the interface appeared to be 

restricted by aggregation of shell droplets into flocs (Figure 4.9 A, B, C & D).  

Confocal micrographs of DSEs made with MPC 4 showed that the interface was 

stabilised by a single protein layer formed along the interface (Figure 4.9 E & F). 

Adsorption of shell droplets was not evident at the interface of core droplets just 

as droplet layers were not observed with DSEs made with MPC 4 shell emulsions 

processed via the two-stage homogeniser (Figure 4.7 A & B). 

In a study carried out by Jafari, He, and Bhandari (2007) to optimize the 

production of nanoemulsions by microfluidization, evidence of droplet 

coalescence at higher pressures and cycles in the microfluidizer was shown with 

optical microscopy and this resulted in bigger emulsion droplet size. These 

observed effects were attributed to the possibility of competitive processes 

between droplet disruption and droplet coalescence whereby droplet 

coalescence may have preceded droplet disruption or possible changes in the 

emulsifying properties of the emulsifier due to high-pressure emulsification. 

Mahdi Jafari, He, and Bhandari (2006) compared droplet size of nanoemulsions 

produced by microfluidization and found that droplet diameter only decreased up 

to 70 MPa, and when pressure increased above 70 MPa, droplet diameter 

increased with increasing pressure. Similar results were also observed by Robin, 

Blanchot, Vuillemard, and Paquin (1992) and Desrumaux and Marcand (2002) 

where droplet diameter also increased above certain pressures. This 

phenomenon of increasing particle size with increasing pressure has been 
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 d3,2 d4,3 

MPC 1 9.75 14.40 
MPC 4 0.17 0.38 

 

 
 d3,2 d4,3 

MPC 1 16.34 24.55 
MPC 4 5.09 7.50 

 

Figure 4.8  Particle size distribution of shell (A) and droplet-stabilised (B) emulsions 
made with MPC 1 and 4 shell emulsion processed via the microfluidizer 
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Figure 4.9  Confocal microscopy images of droplet-stabilised emulsions made with MPC 
1, 2 and 4 shell emulsions processed via the microfluidizer   
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4.4.6  Effect of core lipid type on formation of droplet-stabilised emulsions  

Food-grade triglyceride oil (soybean) was replaced with linoleic acid as core lipid, 

and MPC 1 was used as the protein source. MPC 1 shell emulsions were 

processed via the two-stage homogeniser. Figure 4.10 shows the particle size 

distribution of droplet-stabilised emulsions made with soybean oil and linoleic 

acid as core lipids at shell droplet concentrations of 10% (Figure 4.10A) and 16% 

(Figure 4.10B). Confocal micrographs of droplet-stabilised emulsions processed 

with linoleic acid as core lipid at shell droplet concetrations of 10% and 16% are 

shown in Figure 4.11. 

There was significant difference (p<0.05) between average droplet size (d3,2 and 

d4,3) of emulsions made with soybean oil and linoleic acid as core lipids. Droplet 

size of core linoleic acid emulsions was smaller than that of soybean oil. Particle 

size distribution (PSD) of DSEs made with soybean oil core lipid was bimodal 

with a small peak that fell within the size range of 0.5-1.5 µm which was 

particularly evident in DSEs containing 16% shell droplets. PSD of DSEs made 

with linoleic acid core was mostly monomodal; the small bimodal peak evident in 

soybean oil DSEs was hardly evident in linoleic acid DSEs.   

Confocal micrographs of linoleic acid DSEs containing 10% shell droplets 

showed that the interface of linoleic acid droplets appeared to be stabilised by a 

single protein layer formed along the interface (Figure 4.11B) just as observed 

with DSEs made with MPC 4 (i.e. calcium-depleted MPC).The micrographs of 

DSEs containing 16% shell droplets showed that the interface of some linoleic 

acid droplets was stabilised by a droplet layer formed along the interface  (Figure 
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4.11D) while the interface of some linoleic acid droplets appeared to be stabilised 

by a single protein layer (Figure 4.11 E & H).  

Confocal micrographs of DSEs containing 16% shell droplets also showed that 

the interface of some linoleic acid droplets appeared to be stabilised by a single 

protein layer with shell droplets connected to the single protein layer forming an 

outer droplet layer along the interface (Figure 4.11G). Overall, droplet 

stabilisation was more evident at the interfaces of soybean oil DSEs made with 

MPC 1 (Figure 4.3B; Figure 4.4 E,F,H & I; Figure 4.5E) than linoleic acid DSEs 

also made with MPC 1. 

Droplet disruption is usually easier with lower interfacial tension (Walstra, 1993). 

Droplet disruption also becomes more difficult with increased viscosity of the 

dispersed phase and droplet size can be reduced by decreasing the viscosity 

ratio of the dispersed phase (McClements, 2015b). Viscosity of the dispersed 

phase has been shown to influence efficiency of droplet disruption (Jafari, 

Assadpoor, He, & Bhandari, 2008). Qian and McClements (2011) varied 

dispersed phase viscosity of nanoemulsion by using different concentrations of 

corn oil and octadecane; an increase in octadecane concentrations resulted in a 

decrease in the dispersed phase viscosity and this had an influence on the droplet 

diameter reduction. This effect was also dependent on the type of emulsifier used, 

in agreement with Wooster, Golding, and Sanguansri (2008) who also showed 

smaller nano-droplet sizes with low viscosity oils over higher viscosity long chain 

triglycerides. 
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In this study, since core linoleic acid droplets were smaller, it is possible that 

droplet disruption was easier which means that interface creation was faster 

resulting in adsorption of the more flexible free proteins which may have adsorbed 

faster to the interface than the more aggregated shell droplets resulting in the 

observed differences in droplet stabilisation between linoleic acid and soybean 

oil emulsions. These results indicate that the physicochemical properties of core 

lipid can influence the formation and structural properties of droplet-stabilised 

emulsions. 
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Figure 4.10: Particle size distribution of droplet-stabilised soybean oil and linoleic acid 
core emulsions prepared with MPC 1 at 10% (A) and 16% (B) shell emulsion 
concentrations 
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Figure 4.11: Confocal microscopy images of droplet-stabilised linoleic acid core 

emulsions made with MPC 1 (A & B= 10% shell emulsion; C, D, E, F, G & H= 16% shell 

emulsion)  
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4.4.7  Effect of surface lipid type and state on formation of droplet-

stabilised emulsions  

Formation of droplet-stabilised emulsions with surface lipids of varying melting 

points (low, medium and high) was investigated with MPC 3 (i.e. MPC 70) at 10% 

shell emulsion concentration. MPC-stabilised low (olive oil), medium (palmolein 

oil) and high (trimyristin) melting lipids were used to stabilise safflower oil-in-water 

droplets. Table 4.2 shows details of the DSEs processed. 

Figure 4.12 shows the particle size distribution of shell and droplet stabilised 

emulsions made up of low (olive), medium (palmolein) and high (trimyristin) 

melting surface lipids. Figure 4.13 shows confocal microscopy images of droplet-

stabilised emulsions made with these lipids. There were no significant differences 

(p<0.05) in the average droplet diameter (d3,2) between shell and droplet-

stabilised emulsions of low, medium and high melting lipids.  

Table 4.2  Emulsion formulations 

Samples Description Surface lipid Core Lipid 

NO droplet-stabilised emulsion Olive oil Safflower oil 

NP droplet-stabilised emulsion Palmolein oil Safflower oil 

NT droplet-stabilised emulsion 
processed at temperature above 

56°C 

Trimyristin Safflower oil 

NT2 droplet-stabilised emulsion 
processed at temperature below 

56°C 

Trimyristin Safflower oil 
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Spicer and Hartel (2005) examined the effect of dewetting on crystallization of 

emulsion droplets and showed that molten tristearin droplet dewetted its own 

solid phase as it crystallized. They reported differences in crystal morphology 

between emulsion systems based on the dewetting and crystallization rate. When 

the dewetting rate was negligible in comparison to crystallization rate, tristearin 

crystals grew to the initial size of the molten droplet, i.e. the crystals were 

contained by the oil-water interface, and the reported crystal grain in this instance 

was similar to that observed with trimyristin droplet-stabilised emulsion processed 

at ambient temperature (Panels NT2 in Figure 4.14) in this study.  

On the other hand, when dewetting became dominant, the crystals either caused 

droplet elongation into a semi-solid ellipsoidal shape or were ejected out of the 

droplet. The reported droplet elongation during crystal growth was also similar to 

that observed in this study with some trimyristin emulsions, where some droplets 

were partially stained and elongated (Panels NT2 in Figure 4.14). Their study 

explained that crystal shape is governed by competition between dewetting and 

crystallization rate and hence rapid cooling can lead to formation of high aspect 

ratio crystal shapes while controlled cooling produces discrete crystals.   

Shi, Liang, and Hartel (2005) also investigated crystal structure formation in 

mixed lipid systems and showed that the type and characteristics of low melting 

lipid had an influence on the morphology of high melting lipid crystals formed. 

They also emphasised that processing conditions can influence the morphology 

and final microstructure even though these factors were not the focus of their 

study. 
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It is not clear what the non-stained protein-coated shells observed in the 

emulsions processed below melting temperature represent but, the differences in 

crystal shape or morphology observed with the mixed lipids indicates that upon 

cooling, trimyristin crystals exhibit different morphologies which is dependent on 

the rate of cooling. This explains the observed differences in crystal morphology 

between trimyristin droplet-stabilised emulsions processed above melting 

temperature (NT) and below melting temperature (NT2) and also differences 

between NT2 rapidly cooled to ambient temperature and NT2 slowly cooled to 4 

°C and then heated to 25 °C. 
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Figure 4.12  Particle size distribution of shell (A) and droplet stabilised emulsions (B) 
comprising surface lipids of varying melting temperature 

SO, SP, ST, = shell emulsion olive, palmolein and trimyristin surface lipids respectively. 
NO = olive oil droplet-stabilised emulsion, NP = palmolein oil droplet-stabilised emulsion, 
NT = trimyristin droplet stabilised emulsion processed above 56°C & NT2 = trimyristin 
droplet-stabilised emulsion processed below 56°C   
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Figure 4.13 Confocal microscopy images of droplet stabilised emulsions comprising 

surface lipids of varying melting temperature  

SO, SP, ST, = shell emulsion olive, palmolein and trimyristin surface lipids respectively. 
NO = olive oil droplet-stabilised emulsion, NP = palmolein oil droplet-stabilised emulsion, 
NT = trimyristin droplet stabilised emulsion processed above 56°C & NT2 = trimyristin 
droplet-stabilised emulsion processed below 56°C    
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Figure 4.14 Confocal microscopy Images of droplet stabilised emulsions with trimyristin 
surface lipid- NT= final homogenisation above 56°c and NT2 = final homogenisation 
below 56°C. 
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Figure 4.15 Confocal microscopy images of mixed safflower oil and trimyristin- A & B 

(mixture heated to 65°C) and safflower oil/trimyristin coarse emulsion homogenised 

below melting temperature- C, D & E). Image B & D taken in DIC mode. 
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4.5  Conclusions 

The formation of droplet layers at the interface of food-grade oils was possible 

with MPC-stabilised shell droplets. Total interfacial coverage of core oil droplets 

by shell droplets processed with high protein and calcium MPCs (i.e. MPC 1 and 

2) was obtained when the shell emulsions were processed via the two-stage 

homogeniser. On the other hand, excessive shell droplet aggregation prevented 

total interfacial coverage of core oil droplets when the shell droplets were 

processed through the microfluidizer at high pressures. Particle size of droplet-

stabilised emulsion decreased with an increase in shell droplet concentration 

from 2 to 16% and the particle size distribution became bimodal at higher 

concentrations. Multi-droplet layers were formed at the interfaces of DSEs 

containing high shell emulsion concentrations (10% and 16%).  

Total interfacial coverage of core oil droplets was also obtained with shell droplets 

processed with low protein MPC (MPC 3) containing similar calcium content as 

high protein MPC (MPC 1 & 2) and shell droplet stabilisation behaviour of MPC 

3 shell emulsions was like that of MPC 1 and 2 shell emulsions.  

Formation of droplet layers at the interface of food-grade oil droplets was not 

obtained with calcium-depleted MPC (MPC 4) containing similar protein content 

as MPC 1 and 2 both when the shell emulsions were processed through the 

microfluidizer and two-stage homogeniser, even though the shell droplet size was 

in the nano-scale. 

Adsorption of MPC-coated shell droplets was more evident at the interface of 

soybean oil droplets than linoleic acid droplets. Droplet stabilisation was also 
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possible with surface lipids of low, medium and high melting points. Adsorption 

of high melting surface lipid droplets was possible either in liquid or solid state 

however, processing conditions or cooling rate influenced morphology and shape 

of crystals formed. 

Calcium levels and aggregation state of milk protein concentrate are pertinent 

factors for droplet stabilisation with MPC. It can be hypothesised that modification 

of aggregated casein proteins in MPC influences their emulsifying capacity thus 

impacting their ability to form droplet layers at the oil-water interface. This study 

also shows that physicochemical properties of the core lipid also influences its 

ability to be stabilised by MPC-coated oil droplets. 

This study provides critical information to ensure consistent successful 

production of droplet-stabilised food grade oil-in-water emulsions with milk 

protein concentrate and gives insightful knowledge about some structural 

properties of droplet-stabilised oil-in-water emulsions. 
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Chapter 5:  Effect of droplet-stabilised oil-in-

water emulsions on oxidative stability of 

unsaturated lipid incorporated within 

Contents of this chapter have been published in a peer reviewed journal article 

and has been adapted with permission from: 

Okubanjo, S. S., Loveday, S. M., Ye, A., Wilde, P. J., & Singh, H. (2019). Droplet-

Stabilized Oil-in-Water Emulsions Protect Unsaturated Lipids from Oxidation. 

Journal of Agricultural and Food Chemistry, 67(9), 2626-2636. Copyright © 2019, 

American Chemical Society. 
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Graphical summary 
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5.2  Introduction 

As the spotlight on functional foods continues to grow, the challenges associated 

with incorporating bioactive compounds into food systems require practical and 

cost-effective solutions. Emulsions have become very important delivery vehicles 

for lipophilic bioactives, both to enhance their bioavailability and protect them 

from degradation.  

Lipids rich in polyunsaturated fatty acids (PUFA) are beneficial for health 

(Mozaffarian & Wu, 2011; Yeong & So Bong, 2010) but they are highly 

susceptible to oxidation. Strategies such as the use of antioxidants and 

microencapsulation are currently employed to protect these lipids. Many studies 

have focused on incorporating these lipids in different emulsion systems to inhibit 

oxidation and thus maximize their benefits. Many of these studies have been 

carried out with oil-in-water emulsions (Djordjevic, McClements, & Decker, 2004; 

E. N. Frankel, Satue-Gracia, Meyer, & German, 2002; Katsuda et al., 2008). 

Lipid oxidation is a complex process which leads to the breakdown of lipids into 

products that result in undesirable sensory properties of lipids. The mechanism 

of oxidation in bulk oils and emulsions differs (McClements & Decker, 2000). 

Oxidation in emulsions is mostly initiated by pro-oxidants located in the aqueous 

phase or at the interface (Mancuso, McClements, & Decker, 1999; Yoshida & 

Niki, 1992); therefore, the structure, characteristics and composition of the 

interface of an emulsion have significant impacts on its oxidative stability.  

The oxidative stability of conventional emulsions is limited by physical instability 

under various processing conditions and characteristic porous thin interfacial 
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layer (Berton-Carabin, Sagis, & Schroën, 2018; Lesmes, Sandra, Decker, & 

McClements, 2010; McClements, 2010; Silvestre et al., 2000) which enables 

diffusion of pro-oxidants and subsequent reaction with the lipid phase. Interfacial 

engineering of emulsion systems can be explored to overcome the limitations of 

conventional emulsions because the interface is the gateway between pro-

oxidants and the lipid phase, creating less permeable interfaces can limit 

oxidation by minimizing interactions between pro-oxidants and unsaturated lipids 

(Berton-Carabin, Ropers, & Genot, 2014; C.  Berton et al., 2011). 

Despite the many studies that seek to improve the oxidative stability of PUFA 

lipids by incorporating them into structured emulsions, several limitations such as 

porous structure, physical instability and high cost of production exist with various 

emulsion systems (Komaiko, Sastrosubroto, & McClements, 2016; McClements, 

Decker, & Weiss, 2007; Walker et al., 2015) . These limitations must be overcome 

to achieve the goal of efficient protection, delivery and enhanced bioavailability 

of PUFAs. 

Ye et al. (2013) reported a patented (Singh, Ye, & Zhu, 2011) novel emulsion 

design whereby core oil droplets are stabilised by protein-coated nano-droplets. 

The reported structure has the potential to effectively protect bioactive 

compounds such as PUFA-rich lipids. Therefore, it could be of great benefit for 

the food industry if the potential of this novel emulsion to protect lipophilic 

bioactives such as PUFA-rich lipid from degradation is studied and established. 

Previous work by Ye et al. used only hexadecane in the lipid phases, whereas 

this study explores the formation of similar structures using several food-derived 

lipids and elucidates the effect of lipid type on oxidative stability. Making these 
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KH2PO4, pH 6.8-7.0), i.e. 10% w/w shell droplets, 20% w/w core lipid and 70% 

w/w buffer. To form droplet-stabilised emulsions, the mixture was heated to 65 

°C and processed with a high-speed mixer (D-130, Labserv) at 6000 rpm for 5 

min.  

Droplet-stabilised emulsions comprising trimyristin surface lipid were processed 

at two different conditions to obtain shell droplet adsorption in liquid or solid state. 

To obtain droplet-stabilised emulsions with trimyristin in liquid or super-cooled 

state, shell emulsion, core and buffer mixture was heated to 65 °C prior to final 

homogenisation. To produce droplet-stabilised emulsion with trimyristin in the 

solid state, the shell emulsion was first cooled to 5 °C and then heated to 25°C 

prior to final homogenisation with core lipid and buffer. 

Protein-stabilised safflower oil-in-water conventional control emulsions were 

processed by mixing appropriate quantities of 0.4% w/v MPC solution and 

safflower oil with a high-speed mixer as a reference emulsion (R). Control 

emulsions made up of the same composition as droplet-stabilised emulsions 

were processed by adding shell emulsions (10% w/w) to appropriate quantities 

of reference emulsion. The reference and control emulsions were processed at 

the same temperature as droplet-stabilised emulsions. 
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Figure 5.1 Flow chart of droplet-stabilised oil-in-water emulsion production 
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5.4  Results  

5.4.1  Formation of droplet-stabilised and control emulsions 

Figure 5.2 shows confocal microscopic images of droplet-stabilised and control 

emulsions.  Particle size of olive, palmolein and trimyristin shell emulsions was 

the same (d3,2 = 0.4 µm and d4,3 = 0.5 µm) and Table 5.1 shows the particle size 

data of droplet-stabilised and control emulsions. The particle sizes of shell 

emulsions with low-, intermediate- and high-melting surface lipids were not 

significantly different (p>0.05). Particle sizes of droplet-stabilised and control 

emulsions were also similar. Confocal microscopy and particle size analysis were 

used to validate the differences in interfacial structure between droplet-stabilised 

emulsions, control emulsions of same composition as droplet-stabilised 

emulsions, and conventional reference emulsion.  

The interface of core safflower oil droplets in the reference emulsion (R) was 

coated by a thin protein layer (Figure 5.2-R). For the controls of same composition 

as droplet-stabilised emulsions (CO, CP and CT) the interfacial structure was the 

same as that of the reference emulsion but the shell droplets were dispersed in 

the surrounding phase (Figure 5.2-CO, CP & CT). In CO, CP and CT emulsions 

there was some spontaneous adsorption of shell droplets on to the core droplets, 

but much less than when shell emulsion and core lipid were mixed together at 

high speed and elevated temperature in the droplet-stabilised emulsion process. 

Core safflower oil droplets in droplet-stabilised emulsions were stabilised by 

protein-coated shell oil droplets, which are evident in Figure 5.2-NO,NP, NT & 

NT2 at the interface of larger core safflower oil droplets, as the adsorption of small 
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shell oil droplets (red) coated with protein (green) is observed. This interfacial 

structure is similar to that reported by Ye et al. (2013) for hexadecane oil-in-water 

emulsions stabilised by micellar casein coated nanoemulsions.  
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adsorption of other volatiles produced during oxidation which may have limited 

hexanal adsorption on SPME fibre.  

There were significant differences (p < 0.05) in core safflower oil oxidation 

between samples after 1, 3, 5, 7 and 9 days exposure. Oxidation of safflower oil 

in droplet-stabilised emulsions was slower and/or less extensive than in reference 

emulsion and composition-matched controls, for both the primary and secondary 

oxidation products.  

Table 5.2 shows the parameters used to fit oxidation time courses in Figure 5.3, 

and the total amounts of oxidation products are expressed as area under the 

curve (AUC) values in Table 5.3. Table 5.2 shows the highest conjugated dienes 

(CDmax), lipid hydroperoxides (LHPmax) and hexanal (Hexmax) values for each 

emulsion. CDmax, LHPmax and Hexmax were highest in controls (R, CO, CP & CT) 

than droplet stabilised emulsions and lowest in droplet-stabilised emulsions of 

trimyristin surface lipid (NT & NT2) than olive and palmolein oil surface lipids (NO 

& NP).   

According to AUC values, oxidation was reduced by up to 55% by the droplet-

stabilised emulsion structure. All droplet-stabilised emulsions had lower values of 

all oxidation products compared with controls, which showed small differences 

among themselves. It was clear that trimyristin was the most effective surface 

lipid, followed by olive oil and palm oil. Formation of hexanal in controls of same 

composition as droplet-stabilised emulsion was slower than in reference 

emulsion (R) and this indicates that the addition of shell emulsion delayed 
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Table 5.2: Oxidation parameters derived from fitting equations 2, 3 and 4 to oxidation 
data. Values in brackets are standard errors.  

Conjugated Dienes (CD) CD0  (mM) CDmax  (mM) daymax w 

R 8.6 (1.3)a 50.0 (2.7)a 5.3 (0.1)bc 1.7 (0.1)b 

CO 7.7 (1.5)a 43.0 (2.9)ab 5.2 (0.1)cd 1.7 (0.1)b 

CP 8.1 (1.2)a 42.0 (2.2)ab 4.8 (0.1)d 1.9 (0.1)b 

CT 5.7 (1.4)a 47.5 (2.6)ab 5.2 (0.1)c 1.8 (0.1)b 

NO 4.4 (1.1)a 24.2 (1.7)c 5.7 (0.1)b 2.3 (0.2)ab 

NP 6.4 (0.7)a 36.0 (1.4)c 5.2 (0.1)c 1.8 (0.1)b 

NT 4.0 (0.7)a 19.0 (1.3)c 5.2 (0.1)b 2.0 (0.2)b 

NT2 3.2 (1.6)a 18.3 (1.7)c 6.4 (0.2)a 3.4 (0.5)a 

Superscript letters indicate significant differences (P<0.05) within columns. 

 

Hydroperoxides 

(LHP) 
LHP0  (mM) 

LHPmax  

(mM) 
daymax w 

R 11.4 (4.4)a 96.8 (7.1)a 5.3 (0.1)bcd 2.2 (0.2)a 

CO 12.0 (3.6)a 99.0 (6.2)a 5.4 (0.1bc 2.1 (0.2)b 

CP 11.2 (3.8)a 98.2 (6.0)a 4.9 (0.1)d 2.2 (0.2)a 

CT 7.5 (4.8)a 97.8 (7.5)a 5.2 (0.1)bcd 2.3 (0.2)ab 

NO 2.9 (3.9)a 59.3 (4.4)b 5.9 (0.1)bc 3.1 (0.3)a 

NP 6.4 (4.4)a 73.2 (5.2)b 5.5 (0.1)b 2.8 (0.3)ab 

NT 6.6 (3.2)a 56.1 (5.7)b 5.3 (0.2)bcd 2.0 (0.3)b 

NT2 1.8 (4.2)a 59.3 (5.0)b 6.8 (0.2)a 3.4 (0.4)a 

Superscript letters indicate significant differences (P<0.05) within columns. 
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Hexanal (Hex) Hex0  (µM) Hexmax  (µM) daymax w 

R -15.0 (230.0)a 438.1 (33.9)a 4.7 (0.1)b 2.6 (0.3)a 

CO 10.8 (12.1)a 383.6 (20.2)a 5.2 (0.1)a 1.9 (0.1)ab 

CP 13.8 (7.7)a 356.7 (12.4)a 5.2 (0.1)a 2.0 (0.1)ab 

CT 15.0 (12.3)a 351.5 (19.9)ab 5.1 (0.1)ab 2.0 (0.1)ab 

NO 7.2 (9.7)a 346.8 (17.5)ab 5.3 (0.1)a 1.6 (0.1)b 

NP 8.2 (6.1)a 303.5 (10.2)b 5.2 (0.1)a 2.0 (0.1)b 

NT -21.2 (17.5)a 210.2 (15.6)c 5.5 (0.1)a 3.6 (0.4)a 

NT2 -62.9 (67.1)a 224.0 (62.6)bc 5.0 (0.2)ab 4.4  (1.2)a 

Superscript letters indicate significant differences (p<0.05) within columns. 

 

Table 5.3: Area under the curve (AUC) values for conjugated dienes (CD), lipid 
hydroperoxides (LHP) and hexanal, integrated over the whole oxidation time course. 

 

 R CO CP CT NO NP NT NT2 

   Raw AUC values 

CD 642 604 683 609 412 513 305 371 

LHP 1422 1398 1456 1367 967 1198 776 928 

hexanal 5341 4037 4146 4063 3198 3320 2743 2480 

   Normalized AUC values 

CD 94 88 100 89 60 75 45 54 

LHP 98 96 100 94 66 82 53 64 

hexanal 100 76 78 76 60 62 51 46 
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Figure 5.4 Confocal Microscopy Images of control emulsions freshly prepared (Day 0) and after accelerated oxidation of core safflower oil (Day 5 and 7).  

 

R= protein-stabilised oil-in-water emulsion (reference emulsion); CO= R with added olive oil shell emulsion; CP= R with added palmolein oil shell emulsion; 
CT= R with added trimyristin shell emulsion    
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Figure 5.5 Confocal Microscopy Images of droplet stabilised emulsions freshly prepared (Day 0) and after accelerated oxidation of core safflower oil (Day 5 
and 7).  

NO= droplet stabilised emulsion with olive oil shell droplets; NP= droplet stabilised emulsion with palmolein oil shell droplets; NT= droplet stabilised emulsion 
with trimyristin shell droplets processed above 56°C; NT2= droplet stabilised emulsion with trimyristin shell droplets processed below 56°C 
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Figure 5.7  Confocal (top) and differential interference contrast (bottom) microscopy images of droplets stabilised emulsions with trimyristin 
surface lipid; NT-processed above melting temperature; NT2-processed below melting temperature - Arrows show different crystal morphology 
for NT2  

NT NT2 

NT NT2 
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Figure 5.8 Schematic diagram of oxidation in conventional and droplet-stabilised emulsions. A)- Conventional emulsion; B)- Droplet-stabilised 
emulsion with low or medium melting surface lipid; C)- Droplet-stabilised emulsion droplet with high melting surface lipid. 
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5.5  Discussion 

Lipid oxidation in emulsions is influenced by catalysts such as singlet oxygen, 

metal ions, light, temperature and enzymes. Oxidation by light follows two 

possible pathways or mechanisms. In type 1 mechanism, an excited sensitizer 

such as chlorophyll or riboflavin directly abstracts hydrogen from a fatty acid and 

produces a free-radical, this mechanism is most likely to occur under low oxygen 

concentrations. While in type 2 mechanism when oxygen is readily available, an 

excited sensitizer emits or transfers energy absorbed to triplet oxygen (3O2) 

generating singlet oxygen (1O2). Singlet oxygen directly reacts with the double 

bonds of unsaturated fatty acids (Kanofsky, 2016). In this study, the most 

probable mechanism of accelerated oxidation is the type 2 mechanism. As 

emulsions were exposed to light in the presence of ferrous ions, accelerated 

oxidation by oxygen and ferrous ions is envisaged. Singlet oxygen (1O2) reacts 

with core safflower oil to yield lipid hydroperoxides (LHP) and then ferrous ions 

catalyse decomposition of hydroperoxides. 

Droplet surface area, droplet charge, interfacial permeability, interfacial thickness 

and interfacial composition are some of the factors that can impact lipid oxidation 

in oil-in-water emulsions (Waraho, McClements, & Decker, 2011). While many 

studies on the oxidative stability of protein-stabilised emulsions have reported 

about the impact of droplet surface area and charge on oxidation, it is important 

to emphasise that oxidation is not only influenced by these factors.  

Reports on the effect of droplet size on oxidative stability are contradictory: some 

studies report decreased oxidative stability with increased surface area (S. J. Lee 
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et al., 2011) but other studies show the reverse trend (Nakaya et al., 2005). In 

this study, the particle size of droplet-stabilised and control emulsions was not so 

different. Even though the particle size of reference emulsion (R) was slightly 

higher than droplet stabilised emulsions (Table 5.1), it is unlikely that increased 

oxidative stability of droplet stabilised emulsions was due to droplet surface area, 

because if this was the predominant factor, the oxidative stability of R should 

have been better than other controls (CO, CP & CT) and droplet-stabilised 

emulsions or vice versa. 

The pH of emulsions was measured after 5 and 7 days under accelerated 

oxidation conditions. All emulsions had pH values in the range 6 to 7 (where milk 

proteins would carry a net negative charge), except R in which pH decreased to 

5.5 after five days under accelerated oxidation conditions. Haahr and Jacobsen 

(2008) reported faster formation of peroxides and volatiles at pH 3 than pH 7 in 

omega-3 enriched emulsions irrespective of iron addition, a similar trend was also 

reported for mayonnaise enriched with fish oil (Charlotte Jacobsen, Timm, & 

Meyer, 2001). Another study reported slower formation of peroxides and volatiles 

at pH 3 than pH 7 in salmon oil-in-water emulsions without addition of iron 

(Mancuso et al., 1999) and attributed the increased oxidation rates at pH 7 to low 

solubility of iron in the continuous phase at pH 7. In this study, the pH of emulsions 

after homogenisation was the same therefore differences in oxidative stability 

between emulsions could not have been influenced by differences in pH. The 

observed pH decrease in R on day 5 can be attributed to the production of short 

chain aliphatic acids during the formation of secondary oxidation products 

(Dimakou, Kiokias, Tsaprouni, & Oreopoulou, 2007).     
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The ability of proteins to bind or chelate metals has been reported to limit lipid 

oxidation by partitioning metal ions away from the droplet interface and reducing 

their reactivity (Caetano-Silva, Mariutti, Bragagnolo, Bertoldo-Pacheco, & Netto, 

2018; Guzun-Cojocaru et al., 2011; Sugiarto, Ye, Taylor, & Singh, 2010) . The 

presence of unadsorbed proteins in emulsions has also been shown to limit 

oxidation (Faraji, McClements, & Decker, 2004).  The amount of unadsorbed 

proteins in this study was not quantified and so it is difficult to evaluate the effect, 

but the amounts of protein used in droplet-stabilised emulsions and composition-

matched controls were similar therefore it is unlikely that the presence of 

unadsorbed proteins in the continuous phase favoured oxidative stability of 

droplet-stabilised emulsions over composition-matched controls. Composition-

matched controls (CO, CP & CT) consisted of two types of droplets: shell droplets 

and the core emulsion droplets, both stabilised by the adsorption of MPC 

proteins.  The actual structure of MPC proteins on the droplet surface is not 

clearly known but likely to contain casein micelle and its fragments and some 

whey proteins. The interfacial structures of MPC proteins in shell droplets and the 

core emulsion droplets are likely to be similar, although it is possible that casein 

micelles adsorbed onto the shell droplets may be more dissociated due to high 

homogenisation pressure used in their preparation. Assuming there are no 

interactions between shell droplets and the core emulsion droplets upon gentle 

mixing, the proportions of shell droplets in composition-matched controls and 

droplet-stabilised emulsions would be the same. The only expected difference 

would be the location of the droplets.  In droplet stabilised emulsions, the shell 

droplets stabilised by MPC protein act as an emulsifying agent for the core oil, 

because the outer regions of adsorbed casein micelles are able to adsorb and 
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stabilise the core oil droplets as the shell droplets connect with each other and 

form a layer along the core droplet interface as reported by Ye et al. (2013). The 

actual structure and conformation of protein that stabilise the core droplets is not 

known and being investigated in other studies.   

The physicochemical properties of lipids can influence the physical stability of an 

emulsion and consequently impact oxidative stability (McClements, 2015b). This 

study also examined the impact of surface lipids of varying physical properties 

and it is possible that due to the physical instability (interface thinning and partial 

coalescence) of palmolein oil droplet-stabilised emulsions during oxidation, the 

droplet-stabilised interface became more accessible to ferrous ions and oxygen 

thus promoting interactions between ferrous ions or oxygen and core safflower 

oil which resulted in higher levels of conjugated dienes, lipid hydroperoxides and 

hexanal recorded.  

The presence of naturally-occurring antioxidants such as tocopherols or 

carotenoids in oils can also inhibit oxidation in emulsions (Berton-Carabin et al., 

2014), as can naturally-occurring oxidation products and pro-oxidants such as 

chlorophyll. The olive oil used here was a highly-refined low-acidity product 

without added antioxidants. Similarly, trimyristin was free from added antioxidants 

and as a fully saturated lipid, it is unlikely to contain oxidation products at 

significant levels. Palmolein oil did not contain added antioxidants but may have 

contained low levels of oxidation products and/or naturally-occurring pro- and 

antioxidants. It is clear from Figure 5.3 that the initial levels of oxidation products 

in emulsions varied very little with surface lipid. Palmolein droplet-stabilised 

emulsions generally oxidised faster than comparable emulsions with other 
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surface lipids, and a contribution from naturally-occurring pro-oxidants in 

palmolein cannot be ruled out. 

Another factor that may have contributed to the differences in oxidative stability 

between surface lipids is their differences in hydrophobicity (low levels of polar 

groups) which could have influenced the partitioning of ferrous ion and oxygen. 

Lipid hydrophobicity was not characterised in this study, so it is difficult to 

evaluate. 

The physical state of lipids in emulsions can influence oxidation because it affects 

the distribution of lipid-soluble components between the phases, diffusion rate of 

molecules through the lipid droplets (Okuda, McClements, & Decker, 2005) and 

may trap the lipid within a crystalline matrix making it less accessible to aqueous 

pro-oxidants and oxygen (McClements et al., 2007). Increased oxidative stability 

with NT and NT2 emulsions relative to other surface lipids was observed (Figure 

5.3, Table 5.2 & Table 5.3), which may be attributable to the protective effect of 

droplet stabilisation and the solid lipid matrix formed at the interface upon 

trimyristin crystallization.  

Looking at the structural changes of NT and NT2 during oxidation, there appear 

to be no marked differences in structure between these two emulsions that could 

have given rise to the observed differences in oxidation rates; however, one 

possible explanation can be drawn from the observed differences in structure 

when the emulsions are freshly formed. In both emulsions, crystalline structures 

were observed but the crystalline morphology (Figure 5.7) in the emulsions 

processed below melting temperature (NT2) was different from that processed 
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above melting temperature (NT) and this morphology may have resulted in a 

different distribution or location of trimyristin shell droplets which impacted 

oxidative stability of core unsaturated safflower oil. 

Overall, both emulsions (NT and NT2) showed significantly increased oxidative 

stability over control emulsions (R & CT) and droplet-stabilised emulsions of low 

(NO) and medium (NP) melting surface lipids (Table 5.2 & Table 5.3). These 

results show that the oxidation resistance of droplet-stabilised emulsions can be 

greatly enhanced with the use of high melting surface lipids.  

The ability of pro-oxidant metal ions or oxygen to diffuse into the lipid phase of an 

emulsion can be limited by making the interface less accessible and so carefully 

structuring the interface of emulsions may be a good strategy that can inhibit 

oxidation in emulsions (McClements & Decker, 2000). The interfacial layer of an 

oil-in-water emulsion plays a significant role in the oxidative stability of the oil 

phase because it is the gateway between aqueous pro-oxidant metals, oxygen 

and the oil phase. Once metal ions and oxygen cross the interface they can 

interact with the core-unsaturated lipid (Kargar et al., 2011; Silvestre et al., 2000) 

The formation of cohesive protein layers by cross-linking protein with 

transglutaminase to increase oxidative stability has been reported but, these 

layers were still porous and did not inhibit lipid oxidation (Kellerby, Gu, 

McClements, & Decker, 2006). Alternatively, structural design of emulsion 

interface to make it thicker and less permeable as seen with multi-layered and 

Pickering emulsions have been reported to increase oxidative stability (Gudipati 

et al., 2010; Kargar et al., 2011; Klinkesorn, Sophanodora, Chinachoti, 
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McClements, & Decker, 2005; Ogawa, Decker, & McClements, 2003). The 

mechanism by which multi-layered emulsions inhibit oxidation by metal ions 

differs with that of Pickering emulsions while the former depends greatly on 

electrostatic repulsions between the charged outer layer and metal ions, the latter 

tends to form a rigid barrier which prevents metal ions from reacting with the lipid 

phase. 

This study shows that the structured interface of droplet-stabilised emulsions 

provides a barrier to pro-oxidant metal ions and oxygen, which can almost halve 

oxidation compared with conventional protein-stabilised emulsions (Figure 5.3 & 

Table 5.3).   

Proteins are reported to stabilise emulsions by forming thick interfaces which can 

retard oxidation (Fang & Dalgleish, 1993; Hu et al., 2003). In droplet-stabilised 

emulsions, the interface is covered by protein-coated lipid droplets in a somewhat 

aggregated network and this appears to form a protective interface that may be 

responsible for the increased oxidative stability observed. It is also possible that 

this protective effect was further enhanced by the adsorption of any free non-

adsorbed proteins to the interfaces of core oil droplets not fully covered or coated 

by shell droplets.  

According to Mancuso et al. (1999) increased pH implies a decrease in iron 

solubility in the continuous phase, causing it to precipitate at the droplet interface 

and promote oxidation. If ferrous ion partitioned at the interface of emulsions and 

promoted oxidation in controls but oxidation was less extensive in droplet-

stabilised emulsions, it can be hypothesise that the lipid droplet interface (shell 
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Graphical summary 
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6.2  Introduction 

Over the years, effective performance of antioxidants was predicted by their 

polarity and partitioning behaviour according to the polar paradox hypothesis 

(Fereidoon Shahidi & Zhong, 2011). The polar paradox theory proposes that polar 

antioxidants are more effective in bulk oil, while non-polar antioxidants are most 

effective in oil-in-water emulsions (Porter et al., 1989). Studies supporting this 

theory propose effective performance of non-polar antioxidants in oil-in-water 

emulsions because they partition at the oil-water interface where lipid oxidation is 

thought to be initiated (Huang et al., 1994; Huang, Frankel, Schwarz, Aeschbach, 

& German, 1996).  

Controversies have arisen with regards to the polar paradox theory because other 

studies (Chaiyasit et al., 2005; Yuji et al., 2007) have shown that non-polar 

antioxidants can also be effective in bulk oil and vice versa. This implies that 

antioxidant polarity should not be the sole determinant in evaluating antioxidant 

performance and other factors such as antioxidant concentration, mobility, size, 

interfacial structure and composition must also be considered. The questions 

arising are not about the occurrence of lipid oxidation at the interface of emulsions, 

as many studies have supported this hypothesis, but rather about other possible 

factors that influence antioxidant partitioning apart from polarity. 

 Laguerre et al. (2009) studied the relationship between antioxidants and 

hydrophobicity and found a non-linear behaviour whereby antioxidant capacity 

increased as antioxidant hydrophobicity increased to a certain level, after which 

further increase led to a decrease in antioxidant capacity. This study supports the 
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general cut-off effect in biological systems reported by Balgavý and Devínsky 

(1996). The cut-off theory implies that at a certain critical hydrophobicity, 

antioxidants are located at the oil-water interface and above this critical 

hydrophobicity level, antioxidants are not located at the interface.  

Studies on the effect of antioxidant concentration on the polar paradox theory are 

scarce. Zhong and Shahidi (2012) were the first to evaluate if the polar paradox 

applies only over a certain antioxidant concentration range and they showed that 

antioxidant capacity of polar and non-polar antioxidants in bulk oils was greatly 

dependent on their concentration. 

The interface of droplet-stabilised emulsion consists of protein-stabilised oil 

droplets (the shell) and this presents the possibility of incorporating antioxidants 

at the interface, close to where oxidation is promoted. The primary objective of 

this study was to test whether oxidation resistance of droplet-stabilised PUFA 

emulsions is influenced by the location of a hydrophobic antioxidant, i.e. at the 

interface (in the shell lipid) or in the PUFA-rich oil (the core). 
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6.3   Materials and methods 

Materials, equipment and emulsion structure characterization methods used in 

this study are detailed in Chapter 3. A summary of the experimental set-up in this 

study is also shown in Figure 3.1.  

The peroxide value of safflower oil and trimyristin as specified by supplier was 3 

Meq O2/kg. Initial conjugated dienes (CD), lipid hydroperoxides (LHP) and 

hexanal (hex) values of olive and safflower oils as analysed was less than 30 mM 

for CD and LHP and less than 2 µM for hexanal. 

6.3.1  Antioxidant-loaded droplet-stabilised emulsions 

Antioxidant-loaded droplet-stabilised emulsions used in this study were prepared 

according to the process shown in Figure 6.1 and Figure 6.2. 

Lipid phases were prepared by magnetic stirring and heating butylated 

hydroxyanisole (BHA) into the surface or core lipid for 15 min at 70°C.  The total 

amount of BHA was the same for emulsions with BHA in the core lipid (core-

loaded BHA DSE) and emulsions with BHA in the surface lipid (surface-loaded 

BHA DSE). The concentrations and final amounts of BHA in emulsions used in 

this study are shown in Table 6.1 and Table 6.2. 

Droplet-stabilised emulsions (DSEs) comprising trimyristin surface lipid were 

processed under two different conditions as detailed in Chapter 5 (see section 

5.3.2) to obtain shell droplet adsorption in liquid or solid state. 
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Table 6.3 and Table 6.4 summarise and shows a description of the emulsions 

processed for the study. Table 6.3 shows the emulsions processed at final BHA 

amounts of 50 ppm [0.005% (w/w of droplet-stabilised emulsion)] and Table 6.4 

 Shows emulsions processed at final BHA amounts of 500 ppm [0.05% (w/w of 

droplet-stabilised emulsion)]. 
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Figure 6.1 Flow chart of surface-loaded BHA droplet-stabilised emulsion formation  

  

Surface lipid phase (BHA- 0.25 % w/w or 2.5% w/w) 
(Stir and heat at 70°C for 15 min)  

 

2-stage homogeniser 
(1st stage-400 bar; 2nd stage- 50 bar) 

Antioxidant loaded shell emulsion (10 % w/w) 
+ core lipid without antioxidant (20 % w/w) + 

PBS (70 % w/w -pH 7)  
(Heat at 65°C) 

 

Coarse homogenisation 
(22000 rpm; 3 min) 

MPC solution (80 % w/w) + surface lipid phase (20 % w/w) 
(Heat at 65°C) 

 

MPC (5g) + Milli-Q water (95g) 
(Magnetic stirring -1 h) 

Antioxidant loaded shell emulsion 

Final homogenisation 
(22000 rpm; 5 min) 

Surface-loaded BHA droplet stabilised emulsions 
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Figure 6.2  Flow chart of core-loaded BHA droplet-stabilised emulsion formation  

Surface lipid phase (without BHA) 
(Heat @ 70°C for 15 min)  

 

2-stage homogeniser 
(1st stage-400 bar; 2nd stage- 50 bar) 

Coarse homogenisation (22000 rpm; 3 min) 

MPC solution (80 % w/w) + surface lipid phase (20 % w/w) 
(Heat at 65°C) 

 

Shell emulsion (without antioxidant) 

Final homogenisation (22000 rpm; 5 min) 

Core-loaded BHA droplet stabilised emulsions 

MPC (5g) + Milli-Q water (95g) 
(Magnetic stirring -1 h) 

Core lipid phase (BHA- 0.025 % w/w or 0.25 % w/w) 
(Stir and heat @ 70°C for 15 min) 

 

Shell emulsion without antioxidant (10 % w/w) + core lipid phase with 
antioxidant (20 % w/w) + PBS (70 % w/w -pH 7) 

 (Heat at 65°C) 
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Table 6.1 Formulation of antioxidant (BHA) loaded droplet-stabilised emulsions with low BHA level (50 ppm) in shell and core droplets 
used for oxidation study 

Emulsions 
MPC 

solution 
(% w/w) 

Surface lipid 
(% w/w) 

Antioxidant in 
surface lipid 

(%w/w of surface 
lipid phase) 

Antioxidant in 
surface lipid 

(%w/w of shell 
emulsion) 

 

Shell emulsion 80 20 0.25 0.05  

 
Shell 

emulsion 
(% w/w) 

Core lipid (% 
w/w) 

Phosphate Buffer 
solution (%w/w) 

Antioxidant (% w/w 
of surface lipid 

phase) 

Antioxidant (% 
w/w of final 
emulsion) 

surface-loaded 
BHA DSE 10 20 70 0.25 0.005 

 
Shell 

emulsion 
(% w/w) 

Core lipid (% 
w/w) 

Phosphate Buffer 
solution (%w/w) 

Antioxidant (% w/w 
of core lipid phase) 

Antioxidant (% 
w/w of final 
emulsion) 

core-loaded 
BHA DSE 10 20 70 0.025 0.005 
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Table 6.2  Formulation of antioxidant (BHA) loaded droplet-stabilised emulsions with high BHA level (500 ppm) in shell and core 
droplets used for oxidation study 

Emulsions 
MPC 

solution 
(% w/w) 

Surface lipid 
(% w/w) 

Antioxidant in 
surface lipid 

(%w/w of surface 
lipid phase) 

Antioxidant in 
surface lipid 

(%w/w of shell 
emulsion) 

 

Shell emulsion 80 20 2.5 0.5  

 
Shell 

emulsion 
(% w/w) 

Core lipid (% 
w/w) 

Phosphate Buffer 
solution (%w/w) 

Antioxidant (% w/w 
of surface lipid 

phase) 

Antioxidant (% 
w/w of final 
emulsion) 

surface-loaded 
BHA DSE 10 20 70 2.5 0.05 

 
Shell 

emulsion 
(% w/w) 

Core lipid (% 
w/w) 

Phosphate Buffer 
solution (%w/w) 

Antioxidant (% w/w 
of core lipid phase) 

Antioxidant (% 
w/w of final 
emulsion) 

core-loaded 
BHA DSE 10 20 70 0.25 0.05 
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Table 6.3: Emulsion formulations for low BHA level (50 ppm). 

Sample 
codes Description Surface lipid Core Lipid BHA Location 

BHA amounts 
in final 

emulsion 
(%w/w) 

NO Droplet-stabilised 
emulsion no BHA Olive oil Safflower oil None 0 

NOS-50 
Droplet-stabilised 

emulsion with BHA-
in-shell 

Olive oil Safflower oil shell 0.005 

NOC-50 

Droplet-stabilised 
emulsion with BHA-

in-core- BHA 
amount matched 

with NOS-50 

Olive oil Safflower oil Core 0.005 

NT 

Droplet-stabilised 
emulsion no BHA 
and processed at 

temperature above 
56°C 

Trimyristin Safflower oil None 0 

NTS-50 

Droplet-stabilised 
emulsion with BHA-

in-shell and 
processed at 

temperature above 
56°C 

Trimyristin Safflower oil shell 0.005 
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NTC-50 

Droplet-stabilised 
emulsion with BHA-

in-core and 
processed at 

temperature above 
56°C- BHA amount 

matched with 
NTS-50 

Trimyristin Safflower oil Core 0.005 

NT2 

Droplet-stabilised 
emulsion no BHA 
and processed at 

temperature below 
56°C 

Trimyristin Safflower oil None 0 

NT2-S50 

Droplet-stabilised 
emulsion with BHA-

in-shell and 
processed at 

temperature below 
56°C 

Trimyristin Safflower oil shell 0.005 

NT2-C50 

Droplet-stabilised 
emulsion with BHA-

in-core and 
processed at 

temperature below 
56°C- BHA amount 
matched with NT2-

S50 

Trimyristin Safflower oil Core 0.005 
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Table 6.4: Emulsion formulations for high BHA level (500 ppm). 

Sample 
codes Description Surface lipid Core Lipid BHA 

Location 

BHA amount 
in final 

emulsion 

NO Droplet-stabilised 
emulsion no BHA Olive oil Safflower oil None 0 

NOS-500 
Droplet-stabilised 

emulsion with 
BHA-in-shell 

Olive oil Safflower oil Interface 0.05 

NOC-500 

Droplet-stabilised 
emulsion with 

BHA-in-core--BHA 
amount matched 

with NOS-500 

Olive oil Safflower oil Core 0.05 

NT 

Droplet-stabilised 
emulsion no BHA 
and processed at 

temperature 
above 56°C 

Trimyristin Safflower oil None 0 

NTS-500 

Droplet-stabilised 
emulsion with 

BHA-in-shell and 
processed at 
temperature 
above 56°C 

Trimyristin Safflower oil Interface 0.05 
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NTC-500 

Droplet-stabilised 
emulsion with 

BHA-in-core and 
processed at 
temperature 

above 56°C- BHA 
amount matched 

with NTS-500 

Trimyristin Safflower oil Core 0.05 

NT2 

Droplet-stabilised 
emulsion no BHA 
and processed at 

temperature below 
56°C 

Trimyristin Safflower oil None 0 

NT2-S500 

Droplet-stabilised 
emulsion with 

BHA-in-shell and 
processed at 

temperature below 
56°C 

Trimyristin Safflower oil Interface 0.05 

NT2-C500 

Droplet-stabilised 
emulsion with 

BHA-in-core and 
processed at 

temperature below 
56°C- BHA 

amount matched 
with NT2-S500 

Trimyristin Safflower oil Core 0.05 
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6.4  Results  

6.4.1  Particle size and microscopic structure of droplet-stabilised oil-in-water 

emulsions 

Figure 6.3 and Figure 6.4 show confocal microscopic images of droplet-stabilised 

emulsions without BHA (NO, NT & NT2) and with BHA incorporated either in the 

shell (NOS-50, NOS-500, NTS-50, NTS-500, NT2-S-50 & NT2-S-500) or core 

droplets (NOC-50, NOC-500, NTC-50, NTC-500, NT2-C-50 & NT2-C-500) at 50 

and 500 ppm respectively. There were no observed differences in interfacial 

structure of emulsions without BHA and with BHA either in the shell or core. 

 Particle size of shell emulsions without and with BHA were not significantly different 

(p>0.05). The average surface-weighted mean diameter (d3,2) of olive oil and 

trimyristin shell emulsions with and without BHA was 0.4 µm ± 0.1 and the average 

volume weighted mean diameter (d4,3) was 0.5 µm ± 0.2. Table 6.5 shows the 

particle size data of droplet-stabilised emulsions without BHA and with BHA 

incorporated in the shell or core droplets. Particle size of droplet-stabilised 

emulsions without BHA and with BHA-in-shell or core droplets were also similar for 

emulsions of same surface lipid and treatment. Particle size of NT2 DSEs were 

significantly different (p<0.05) from NO and NT DSEs.    
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Sample Control BHA-in-shell BHA-in-core 

Olive 

   

Trimyristin 

(processed 

above 56 °C) 

   

NO NOS-50 NOC-50 

NT NTS-50 NTC-50 
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Trimyristin 

(processed 

below 56 °C) 

    

  

 

Figure 6.3  Confocal microscopy images of droplet-stabilised emulsions without BHA and with BHA (50 ppm) in shell droplets or core 
droplets 

NO= droplet-stabilised emulsion (DSE) with olive oil shell; NOS-50= DSE with olive shell & BHA-in-shell; NOC-50=DSE with olive shell 
& BHA-in-core safflower; NT-=DSE with trimyristin shell processed above 56 °C; NTS-50= DSE with trimyristin shell processed above 
56 °C & BHA-in-shell; NTC-50=- DSE with trimyristin shell processed above 56 °C & BHA-in-core safflower; NT2= DSE with trimyristin 
shell processed below 56 °C; NT2-S50= DSE with trimyristin shell processed below 56 °C & BHA-in-shell; NT2-C50= DSE with trimyristin 
shell processed below 56 °C & BHA-in-core safflower. 

  

NT2 NT2-S50 NT2-C50 
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Sample Control BHA-in-shell BHA-in-core 

Olive 

   

Trimyristin 

(processed 

above 56 °C) 

   

NO NOS-500 NOC-500 

NT NTS-500 NTC-500 
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Trimyristin 

(processed 

below 56 °C) 

  

  

  

 

Figure 6.4  Confocal microscopy images of droplet-stabilised emulsions without BHA and with BHA (500 ppm) in shell droplets or core 
droplets 

NO= droplet-stabilised emulsions (DSE) with olive oil shell; NOS-500= DSE with olive shell & BHA-in-shell; NOC-500=DSE with olive 
shell & BHA-in-core safflower; NT= DSE with trimyristin shell processed above 56 °C; NTS-500= DSE with trimyristin shell processed 
above 56 °C & BHA-in-shell; NTC-500= DSE with trimyristin shell processed above 56 °C & BHA-in-core safflower; NT2- DSE with 
trimyristin shell processed below 56 °C; NT2-S500= DSE with trimyristin shell processed below 56 °C & BHA-in-shell; NT2-C500= DSE 
with trimyristin shell processed below 56 °C & BHA-in-core safflower. 

NT2 NT2-S500 NT2-C500 
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6.4.2  Impact of incorporating BHA (50 ppm) in shell droplets versus core 

droplets of droplet-stabilised emulsions on oxidative stability  

Figure 6.5 shows the formation of conjugated dienes, hydroperoxides and 

hexanal in droplet-stabilised emulsions without BHA and with BHA incorporated 

in the shell droplets or the core droplets at low amounts (50 ppm). The formation 

of CD and LHP in emulsions with BHA was slower than in controls, as expected. 

CD and LHP formation in emulsions with BHA was delayed for 3 days after which, 

CD and LHP gradually increased and peaked on day 5 (Figure 6.5 A, B, D, E & 

F), except for NT2 where the onset of CD formation for BHA-in-shell was faster 

than BHA-in-core droplets (Figure 6.5C), and for NT where the onset of 

hydroperoxide formation appeared to be similar for control and BHA emulsions 

(Figure 6.5E). 

Breakdown of CD in control emulsions began after day 5 while breakdown of CD 

in BHA emulsions was delayed and began after day 7 (Figure 6.5 A, B & C). The 

same trend was observed for LHP breakdown but only for olive oil emulsions. For 

trimyristin BHA emulsions, breakdown of LHP was similar to controls (Figure 6.5 

E & F). Breakdown of CD & LHP in emulsions with BHA-in-shell droplets 

appeared to be faster than emulsions with BHA-in-core droplets for all surface 

lipid types (Figure 6.5 A, B, C, D, E & F). 

Hexanal formation in controls was faster than emulsions with BHA. Formation of 

hexanal was faster in emulsions with BHA-in-shell than BHA-in-core for all 

surface lipid types (Figure 6.5 G, H & I). Hexanal formation in emulsions with 

BHA-in-shell was slower for trimyristin emulsions processed below 56 °C than 

trimyristin emulsions processed above 56 °C and olive oil.  
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In summary, BHA introduced a lag phase for CD and LHP, and appeared to slow 

down their decomposition, but its location in the shell or the core made little 

difference. Differences were larger for hexanal: BHA in the core consistently 

reduced hexanal formation more than BHA in the shell. 

Figure 6.6 shows changes in particle size distribution of emulsions during 

oxidation. There were no marked differences between emulsions with BHA-in-

shell and BHA-in-core except for trimyristin emulsions processed below 56 °C, 

where the particle size distribution on day 5 in emulsion with BHA-in-shell was 

similar to the control emulsion.  

Looking at the changes in d3,2 and d4,3 shown in Table 6.6, the d3,2 values between 

BHA-in-shell and BHA-in-core DSEs were significantly different (p<0.05) after day 

5 for only NT2 emulsions while the d4,3 values were different for all surface lipid 

types. After day 7, there were significant differences in d3,2 and d4,3 values 

between BHA-in-shell and core DSEs for only NT and NT2 emulsions 

respectively. Generally, particle size of BHA-in-shell DSEs appeared to increase 

over BHA-in-core DSEs but this trend was not consistent. 
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Figure 6.5  Evolution of conjugated dienes, lipid hydroperoxides and hexanal in droplet-stabilised safflower oil-in-water emulsions without BHA 
and with BHA (50 ppm). 
A=CD olive DSEs; B= CD trimyristin DSEs processed above 56 °C; C= CD trimyristin DSEs processed below 56 °C; D= LHP olive DSEs; E= LHP trimyristin DSEs processed above 56 °C; F= LHP 
trimyristin DSEs processed below 56 °C; G= Hexanal olive DSEs; H= Hexanal trimyristin DSEs processed above 56 °C; I= Hexanal trimyristin DSEs processed below 56 °C 
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Figure 6.6  Particle size distribution of droplet-stabilised safflower oil-in-water emulsions without BHA and with BHA (50 ppm) freshly prepared 
and during accelerated oxidation (day 5 and 7) 
A= fresh olive DSEs; B= fresh trimyristin DSEs processed above 56 °C; C= fresh trimyristin DSEs processed below 56 °C; D= day 5 olive DSEs; E= day 5 trimyristin DSEs processed above 56 °C; F= 
day 5 trimyristin DSEs processed below 56 °C; G= day 7 olive DSEs; H= day 7 trimyristin DSEs processed above 56 °C; I= day 7 trimyristin DSEs processed below 56 °C. 





Chapter 6: Impact of antioxidant location 

186 
 

6.4.3  Impact of incorporating BHA (500 ppm) in shell droplets versus core 

droplets of droplet-stabilised emulsions on oxidative stability  

Figure 6.7 shows the formation of CD, LHP and hexanal in droplet-stabilised emulsions 

without BHA and with BHA incorporated in the shell droplets or the core droplets at 

higher amounts (500 ppm). Plots without control are shown in appendix C for easy 

comparison between BHA-in-shell and BHA-in-core emulsions. Formation of CD and 

LHP for emulsions without BHA was faster than emulsions with BHA-in-shell and core 

droplets. 

The formation of CD and LHP in emulsions with BHA-in-shell droplets and BHA-in-core 

droplets was similar for olive and trimyristin below 56 °C emulsions (Figure 6.7 A,C, D 

& F) while for trimyristin above 56 °C emulsions, the formation of CD and LHP in 

emulsions with BHA-in-core droplets was slightly faster than emulsions with BHA-in-

shell droplets (Figure 6.7 B & E). 

It was expected that the differences in CD and LHP formation between emulsions with 

BHA-in-shell and core droplets for trimyristin emulsions processed below 56 °C would 

be more pronounced but there were no significant differences (p< 0.05). It is possible 

that BHA migration from solid shell particles to the interface coincided with BHA 

migration from core droplets to interface thus reaction rates in both emulsions were 

similar.  

As expected, the formation of hexanal was faster in controls than emulsions with BHA. 

Hexanal formation in emulsions with BHA-in-shell and core was mostly similar but 

faster in emulsions with BHA-in-core than BHA-in-shell (Figure 6.7 G, H & I). On day 
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5, hexanal in olive, trimyristin above 56 °C, and trimyristin below 56 °C emulsions with 

BHA-in-core was 12 µM ± 1, 14 µM ± 2, and 12 µM ± 1 respectively while for the 

emulsions with BHA-in-shell hexanal was 5 µM ± 0.2, 2 µM ± 0.1, and 3 µM ± 0.3 

respectively. 

In summary, BHA location in the shell or the core made little difference for CD and 

LHP formation. Differences were larger for hexanal: BHA in the shell reduced hexanal 

more than BHA in the core. 

Figure 6.8 shows the particle size distribution of emulsions during oxidation. There 

were no marked differences in particle size distribution between emulsions with BHA-

in-shell and BHA-in-core for olive and trimyristin above 56 °C emulsions. For trimyristin 

below 56 °C emulsions, the particle size distribution in emulsions with BHA-in-shell 

was similar to the control emulsion (Figure 6.8F). 

Looking at changes in d3,2 and d4,3 shown in Table 6.7, average d3,2 and d4,3 between 

BHA-in-shell and BHA-in-core DSEs were significantly different (p<0.05) after day 5 

for only olive and NT2 emulsions. After day 7, there were significant differences in d3,2 

between BHA-in-shell and core DSEs for all surface lipid types while d4,3 was 

significantly different for only Olive and NT2 emulsions. Generally, particle size of BHA-

in-shell olive and NT2 DSEs appeared to increase over BHA-in-core DSEs while 

particle size of BHA-in-shell and core NT DSEs were similar. 
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Figure 6.7  Evolution of conjugated dienes, lipid hydroperoxides and hexanal in droplet-stabilised safflower oil-in-water emulsions without BHA 
and with BHA (500 ppm)-  
A=CD olive DSEs; B= CD trimyristin DSEs processed above 56 °C; C= CD trimyristin DSEs processed below 56 °C; D= LHP olive DSEs; E= LHP trimyristin DSEs processed above 56 °C; F= LHP 
trimyristin DSEs processed below 56 °C; G= Hexanal olive DSEs; H= Hexanal trimyristin DSEs processed above 56 °C; I= Hexanal trimyristin DSEs processed below 56 °C- Plots without control 
are shown in appendix C for easy comparison between BHA-in-shell and BHA-in-core emulsions 
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Figure 6.8  Particle size distribution of droplet-stabilised safflower oil-in-water emulsions without BHA and with BHA (500 ppm) freshly prepared 
and during accelerated oxidation (day 5 and 7) 
A= fresh olive DSEs; B= fresh trimyristin DSEs processed above 56 °C; C= fresh trimyristin DSEs processed below 56 °C; D= day 5 olive DSEs; E= day 5 trimyristin DSEs processed above 56 °C; F= 
day 5 trimyristin DSEs processed below 56 °C; G= day 7 olive DSEs; H= day 7 trimyristin DSEs processed above 56 °C; I= day 7 trimyristin DSEs processed below 56 °C 
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2011). However, particle size distribution of DSEs processed with 10% shell 

droplets indicate the presence of some unadsorbed shell droplets (see Chapter 

4, Figure 6.6 and Figure 6.8). These unadsorbed shell droplets are likely to play 

a role in the transfer of BHA. Therefore, in DSEs, the most probable 

mechanisms of BHA transfer may be via unadsorbed protein or shell droplets. 

BHA binding to milk proteins where the phenol groups reversibly interact with 

the carboxyl group of proteins has been reported (Cornell, De Vilbiss, & 

Pallansch, 1971).  

 

Unadsorbed shell droplets in BHA-in-shell DSEs contained BHA. If oxidation 

rates are faster in smaller DSE droplets than larger DSE droplets, then BHA 

activity will also be faster in smaller DSE droplets requiring faster BHA 

replenishment. If unadsorbed shell droplets in these emulsions spontaneously 

connected or interacted with adsorbed shell droplets (see Chapter 5) of smaller 

DS droplets with faster oxidation rates as illustrated in Figure 6.10, then BHA 

transfer is likely to occur resulting in faster transport or replenishment of BHA at 

the interface and increased anti-oxidant activity. This mechanism of transfer is 

unlikely in emulsions with BHA-in-core because the unadsorbed shell droplets 

do not contain any BHA therefore, inhibition of oxidation by BHA will be solely 

reliant on BHA dispersed in the core lipid. At 50 ppm, because it is possible that 

BHA-in-shell reacted with singlet oxygen faster than BHA-in-core, the amount 

of BHA was not sufficient to replenish BHA and retard hydroperoxide 

decomposition. While at 500 ppm, BHA amount was sufficient for replenishment 

and retarded hydroperoxide decomposition better than BHA-in-core because it 

was located at the interface.  
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stability of DSEs was greatly enhanced with high-melting shell droplets either when 

incorporated in shell droplets or core droplets. 

This study provides crucial information on antioxidant behaviour in droplet-stabilised 

emulsions and sets the foundation for plausible functional food applications of droplet-

stabilised emulsions. 

A very important aspect of this study requiring investigation is the question of possible 

migration or diffusion of BHA incorporated in shell droplets of DSE to core droplets. 

The efforts made to investigate this aspect is shown and discussed in Chapter 7. 
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Figure 6.10  Schematic illustration of possible BHA transfer pathway in droplet-stabilised emulsions- A= BHA-in-shell droplets; B = BHA-in-core 
droplets. Red arrows indicate shell droplet spontaneous adsorption and black arrows indicate BHA transfer after shell droplet adsorption. 
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Figure 6.11  Schematic illustration of possible BHA transfer pathway in droplet-stabilised emulsions- A= BHA-in-shell droplets; B = BHA-in-core 
droplets  










































































































































































































